LAND USE LEGACY REGULATES MICROBIAL COMMUNITY STRUCTURE AND FUNCTION IN TRANSPLANTED CHERNOZEMS by Katulanda, Panchali M 1980-
1 
 
 
 
LAND USE LEGACY REGULATES MICROBIAL COMMUNITY STRUCTURE AND 
FUNCTION IN TRANSPLANTED CHERNOZEMS 
 
 
 
A Thesis Submitted to the College of Graduate and Postdoctoral Studies 
In Partial Fulfillment of the Requirements 
For the Degree of Doctor of Philosophy 
In the Department of Soil Science 
University of Saskatchewan 
Saskatoon 
 
By 
Panchali Madubashini Katulanda 
 
 
 
 
 
 
© Copyright Panchali Madubashini Katulanda, December, 2017. All rights reserved.
 
i 
 
PERMISSION TO USE 
In presenting this thesis in partial fulfillment of the requirements for a Postgraduate degree 
from the University of Saskatchewan, I agree that the Libraries of this University may make it 
freely available for inspection. I further agree that permission for copying of this thesis in any 
manner, in whole or in part, for scholarly purposes may be granted by the professor or professors 
who supervised my thesis work or, in their absence, by the Head of the Department or the Dean 
of the College in which my thesis work was done. It is understood that any copying or 
publication or use of this thesis or parts thereof for financial gain shall not be allowed without 
my written permission. It is also understood that due recognition shall be given to me and to the 
University of Saskatchewan in any scholarly use which may be made of any material in my 
thesis. 
Requests for permission to copy or to make other uses of materials in this thesis in whole or 
part should be addressed to: 
Head of the Department of Soil Science 
51 Campus Drive 
University of Saskatchewan 
Saskatoon, Saskatchewan, S7N 5A8 
Canada 
 
    OR 
 
Dean 
College of Graduate and Postdoctoral Studies 
University of Saskatchewan 
116 Thorvaldson Building, 110 Science Place 
Saskatoon, Saskatchewan, S7N 5C9 
Canada 
ii 
 
DISCLAIMER 
Reference in this thesis was prepared by the author to meet the requirements for the degree of 
Doctor of Philosophy at the University of Saskatchewan. Reference in this thesis to any specific 
commercial products, process, or service by trade name, trademark, manufacturer, or otherwise, 
does not constitute or imply its endorsement, recommendation, or favoring by the University of 
Saskatchewan. The views and opinions of the author expressed herein do not state or reflect 
those of the University of Saskatchewan, and shall not be used for advertising or product 
endorsement purposes. 
 
iii 
 
ABSTRACT 
Understanding long-term agricultural influences on soil nutrients and microbial dynamics is 
often complicated by the heterogeneity of soil environments as well as complex interactions 
between confounding factors of climate, topography and hydrology. A long-term soil transplant 
experiment located at the Agriculture and Agri-Food Canada (AAFC) Research Center in 
Lethbridge, AB provided a unique opportunity to study the long-term effects of agriculture 
management practices on various soil types, independent of these confounding effects. In 1990, a 
variety of Chernozemic soils were relocated to a common location and subsequently managed 
under common conditions. The experiment was a split plot design with soil type and rate of 
nitrogen (N) fertilizer (0 and 60 kg N ha-1) as the main and subplot factors, respectively and crop 
residues were removed annually at harvest. A 2012 survey of soil microbial abundance and 
community structure revealed distinct communities among 10 different soil types, indicating a 
persistent legacy effect of previous land use, irrespective of the common climatic, topography 
and management. Next, DNA profiling of archived soils from 1990 and 2011 showed that the 
contemporary community structures differed from the original 1990 soils but that the degree of 
divergence was generally linked to the original soil fertility. Thus, although soil fertility of 
individual transplanted soils changed with common management, variability among soils 
persisted. Specific differences among transplanted soil microbial community structures were 
reflected in carbon (C) and N cycling bacteria. For example, nitrifying and denitrifying gene 
abundance and composition varied among transplanted soils. A 13C stable isotope tracing 
experiment determined that community composition and function of active cellulose 
decomposers was different among soils indicating that the subset of the whole soil communities 
that was active also remained different between transplanted soils, despite common conditions. 
Overall, soil fertility integrates aspects of pedogenesis, land use and management history which 
resulted in a legacy effect on the microbial community abundance, composition and function 
which was more dominant than current conditions. These findings help to broaden our 
understanding of dominant drivers of agricultural soil ecosystem functioning and microbial 
communities which will be necessary for predicting the fate of future agricultural systems.  
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1.0. GENERAL INTRODUCTION 
Agricultural systems provide food, fuel, forage, medicines, and pharmaceuticals for human 
well-being. Global human population is rapidly increasing. Simultaneously, the demand for 
agriculture products and services also is increasing. To fulfill the growing food and bioenergy 
demand, agriculture production needs to be doubled within next 50 years (yr). Currently, the 
productivity of agriculture ecosystems is maintained using inputs like fertilizer and pesticides 
(Bennett et al., 2001; Tilman et al., 2002). This must be done with minimal impact to the 
environment as climates are changing and improper land use may have a deleterious influence 
through land degradation, loss of biodiversity and water pollution. To feed the growing human 
population, the area used for agriculture needs to be expanded or the productivity of agricultural 
lands should be improved (Edgerton, 2009; Tilman et al., 2011). However, it is not feasible to 
expand the cultivated land area as the current human population already has exploited most of 
the arable lands, resulting in low productive soils. Therefore, it is vital that land/soil productivity 
increase through sustainable soil management (Fan et al., 2012). Improving crop productivity by 
preserving soil quality is one of the major challenges facing scientists today.  
An ecosystem is a complex network of organisms interacting with one another and the 
physical environment, and the resulting biological and physical processes. Soil productivity is 
mainly governed by ecosystem functions such as nutrient recycling, organic matter (OM) 
decomposition, soil structural modification, food web interactions (Barrios, 2007), and 
detoxification of toxins (Sekercioglu, 2010), all of which are modulated by soil microorganisms. 
Soil microbes are the key players of soil OM decomposition and nutrient recycling (Powlson, 
2001). As such, they are the key determinants of plant productivity and they can sustain plant 
growth in nutrient poor soils (Van Der Heijden et al., 2008). In terrestrial ecosystems, 
photosynthesis and soil respiration are the dominant processes maintaining the C balance 
between the soil and the atmosphere (Govind and Kumari, 2014). Annually 8% of C is 
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exchanged between the soil C pool and the atmosphere through net primary production and 
microbial decomposition (Gougoulias et al., 2014). Nitrogen-cycling is closely associated with 
the C-cycling within an ecosystem as N is intrinsically tied to C in protein structures and is an 
essential nutrient regulating primary production (Butterbach-Bahl and Gundersen, 2011). 
Ultimately, nutrient availability determines the functional stability of an ecosystem.  
Soil microbes play a significant role in mediating processes such as biological N fixation, 
nitrification, and denitrification (Isobe and Ohte, 2014). These functions are not only important 
for soil productivity and ecosystem functions but also are essential for maintaining agriculture 
ecosystem sustainability (Barrios, 2007). Soil microbes and their functions are highly influenced 
by land management practices and climatic changes. Therefore, they can be used as sensitive soil 
quality indicators in agroecosystems (Doran and Zeiss, 2000). Although the importance of 
microbial process in ecosystem functions is well known, little is known about the main factors 
that control microbial abundance and diversity in agriculture ecosystems. The relationship 
between microbial community composition and microbial functions is one of the trending topics 
in current ecological studies (Konopka, 2009). There are many studies which have focused on 
the importance of understanding the connection between the microbial community structure and 
soil functions. However, it is hard to uncouple the main factors affecting soil microbial 
functions, as there are a variety of biotic and abiotic factors that are responsible for shaping 
microbial community structure.  
Environmental factors and management practices influence microbial community structure 
and ecological functions (Drenovsky et al., 2010; Purahong et al., 2014; Cong et al., 2015; Ma et 
al., 2015). Although functional redundancy within a microbial community can alleviate, to 
varying degrees, the effect of microbial community structure changes on ecosystems functions, 
specific nutrient cycling rates may be particularly prone to changes due to changes in microbial 
community structures (Purahong et al., 2014).  
Climatic factors have been shown to influence soil microbial dynamics. For example, a study 
conducted in forest ecosystems across a regional climatic gradient in Western Canada found 
distinct microbial community profiles in most of the forest ecosystems as a result of variation in 
soil moisture and OM content due to climatic conditions (Brockett et al., 2012). The varied 
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microbial community structures were observed at different elevations of forest ecosystems; 
however, this variation mainly occurred due to changing micro-climatic conditions as a result of 
seasonal moisture fluctuations (Swallow et al., 2009). Drenovsky et al. (2010) also identified soil 
moisture (based on the irrigation method) as a major factor influencing microbial composition in 
different land use types when they compared agriculturally managed (annual or perennial) and a 
natural ecosystem, and different methods of irrigation (drip or flood).  
Agriculture land use type such as irrigation or tillage can alter the soil microbial community 
structure (Drenovsky et al., 2010). The top soil of long-term no till managed land had more 
fungal and bacterial biomass with fungi dominating the microbial community compared to an 
intensively tilled system (Helgason et al., 2009). Others have reported distinct microbial 
communities captured in a DGGE fingerprint analysis in soil microbial communities in 
rhizosphere soils of commercially cultivated maize, oat, barley and grass (Garbeva et al., 2008). 
However, it is difficult to link the temporal patterns of microbial community structure among 
different land use types even in the same climatic region (Lauber et al., 2013). Some found 
similar microbial community structures among the same land use types (Drenovsky et al., 2010; 
Ma et al., 2015). Many studies have reported that observed changes in microbial communities 
were tied to alterations in the soil fertility and ecosystem functions (Ye et al., 2009; Paula et al., 
2014; Barančíková et al., 2016; Zhang et al., 2016). 
The response of soil microbes towards agriculture management practices are highly complex 
and vary with biogeographical and soil factors. Some argue that soil parameters (bulk density, 
pH, cation exchange capacity, total C, C: N ratio, nitrate (NO3-), ammonia (NH4+), available 
phosphorus and potassium) significantly contribute to determining soil microbial communities 
(Peralta et al., 2010; Xue et al., 2013; Wu et al., 2015a) and account for 70% of the variability in 
microbial community structure (Xue et al., 2013). Additionally, diverse soil microbial 
community compositions and structures were observed in the forest, pastureland and agricultural 
soils indicating the impact of management practices on soil microbial community (Jangid et al., 
2008). Hartmann et al. (2015) observed distinct soil microbiomes in conventional and organic 
farming systems demonstrating the quality of the fertilizer source in determining the microbial 
community structure where nutrient rich OM facilitated the growth of copiotrophs, thereby 
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increasing their abundance. Higher bacterial diversity was observed in poultry manure applied 
soils compared to inorganic fertilized soils where the abundance of specific operational 
taxonomic units (OTUs) increased; however it led to lower overall microbial diversity (Jangid et 
al., 2008). 
Although many studies have investigated the impact of environmental and soil factors on 
microbial communities, there is uncertainty about the most significant factor that controls the 
biosphere microbial community composition and their functions, due in part to the difficulty in 
separating and isolating individual controlling factors. In most studies, microbial community 
structure and functions were analyzed by obtaining soil samples from different locations and 
correlating them with measured variables (e.g., soil moisture content, temperature, soil OM 
content, agriculture land use, etc.) (Lal, 1974; Brock et al., 2011). Although this approach 
provides valuable insight to soil microbial community composition and structure, these studies 
are influenced by the various confounding factors related to landscape, hydrology, and climate 
(Olson et al., 1996; Zvomuya et al., 2008). To fully elucidate the factors influencing microbial 
communities, confounding effects such as climate and topography needed to be considered 
(Zvoumya et al., 2008). For example, in an undulating landscape, higher moisture in depressional 
areas increases plant growth resulting in greater OM accumulation over time compared to upland 
areas (Olson et al., 1996) resulting in altered microbial communities (Swallow et al., 2009).  
It is difficult to measure and compare soil quality parameters among different soil types 
where soil and climatic conditions are highly variable. A unique experimental site located at 
Agriculture and Agri-Food Canada (AAFC) Research Center in Lethbridge, AB, Canada, 
provided an invaluable opportunity to explore the influence of long-term agricultural practices on 
different soil types where soils from different donor sites with diverse cropping histories were 
transplanted to one location and managed under identical climatic and topographical conditions 
continuously for >21 yr. The top soils from 36 different donor sites were deposited on sub-
surface soils of a flatland. These soils had diverse physical, chemical and biological properties at 
the time of transplanting (Olson et al., 1996). Zvoumya et al. (2008) sampled the site after 14 yr 
and reported a convergence in C and N mineralization of these soils.  
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There is a necessity to characterize changes in the microbial community structure with 
respect to long-term intensive agricultural practices in order to gain a better understanding of the 
microbial contribution to biogeochemical processes. The main goal of my research was to 
understand the impact of long-term agricultural management practices on soil microbial 
community structure and to observe the potential convergence of microbial phylogenetic and 
functional diversity in soils of different origin transplanted to a common location under identical 
climate and management conditions. Since there is a strong relationship between biogeochemical 
functions and soil microbes, the current research was conducted to determine the manner in 
which microbial functional groups involved in N (ammonia oxidizers and denitrifiers) and C 
cycling (decomposer) changed in the transplanted soils 
1.1. ORGANIZATION OF DISSERTATION 
The research presented in this thesis is organized in manuscript style. The dissertation 
consists of an introduction (Chapter 1), literature review (Chapter 2) and three studies presented 
in Chapters 3 to 5. The research chapters began by investigating how >21 yr of identical climate, 
topography and management conditions influenced microbial communities and fertility of 
diverse transplanted soils (Fig. 1.1). Additionally, the long-term influences of agriculture 
management practices on microbial communities were assessed using archived soils from 1990 
and 2011. Finally, decomposer functional differences were evaluated using 13C cellulose.  
The main goal of Chapter 3 was to discover the microbial abundance, composition and 
community structures of different transplanted soils >21 yr under common conditions. An initial 
soil survey was conducted using phospholipid fatty acids (PLFA) analysis to observe how 
differences or similarities in microbial abundance and composition in the different transplanted 
soils. Based on the initial microbial community analysis, four soils were selected and analyzed 
for N-cycling gene abundance and their compositions using quantitative real-time polymerase 
chain reaction (qPCR) and denaturing gradient gel electrophoresis (DGGE) techniques, 
respectively.  
Chapter 4 explored the microbial community divergence which occurred due to long-term 
agriculture land use. For this study, microbial community compositions of soils archived at 
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transplantation (1990) and 21 yr after transplantation (2011) were compared using Illumina 
Miseq sequencing platform. 
Chapter 5 investigates how phylogenetic diversity of the microbial community in 
transplanted soils influenced functional diversity. This was done by linking 13C cellulose 
decomposition patterns with microbial community structure. A stable isotope probing (SIP) 
study was conducted using 13C cellulose as the carrier molecule. Soil microcosms with 13C 
cellulose treatments were incubated for 78 d. Gas samples from the headspace of the microcosms 
were analyzed to quantify the microbial respiration (CO2). Active 13C assimilated microbial 
community (decomposer) was analyzed through 13C incorporated PLFA biomarkers and 13C 
DNA. Finally, Chapter 7 provides a summary and synthesis of the major findings of the research 
and suggests future work.  
 
Fig. 1.1. Organization of dissertation. 
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2.0. LITERATURE REVIEW 
2.1. THE ECOLOGY OF SOIL MICROBIAL COMMUNITIES  
Soils are a highly diverse environment that hosts a variety of microorganisms that regulate 
key functions in ecosystems (Wagg et al., 2014; Graham et al., 2016). Soil factors and climate, 
and management practices are the main factors influencing soil microbial composition. A study 
conducted in eight different land use types across California found that soil microbial community 
composition was shaped by the soil environment (soil type, texture, pH, and climatic factors) and 
management regime (perennial and annual agriculture, irrigation, and tillage). Several studies 
have reported the effect of soil type on microbial composition (Schutter et al., 2001; Girvan et 
al., 2003). In the soil environment, local microhabitat conditions are reportedly dominant 
predictors of microbial community composition (Fierer and Jackson, 2006). Chau et al. (2011) 
reported that the soil physical environment combined with chemical and biological properties 
significantly determined microbial composition. Moreover, Girvan et al. (2003) reported that 
spatial and temporal heterogeneity arose from soil physical, chemical and biological 
characteristics subsequently creating diverse niches for microbial habitats. 
Microbial communities are strongly influenced by soil characteristics. For example, 
according to Chau et al. (2011), a higher proportion of sand facilitates the development of 
isolated microhabitats that lower soil matric potential and increased bacterial richness in the soil. 
They observed that in coarse texture soils, low matric potential creates irregular water phases 
resulting in large numbers of isolated microhabitats for microorganisms. In contrast, Zhang et al. 
(2007) found that bacteria are closely associated with fine particle sizes (silt and clay) which 
provide physical protection. Others have reported that fine texture soils with higher amounts of 
soil OM are richer in microbial biomass than the coarse textured soils (Meliani et al., 2012). The 
fine fraction of soil typically consists of clay minerals and is able to retain large amounts of soil 
OC (Matus et al., 2007) as clay particles provide a higher surface area for binding of OC. In 
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addition to C, the number of macro and micronutrients, including N, were higher in fine textured 
soil than coarse textured soil (Reeve et al., 2010). Microbial communities of maize grown at 3 
locations in different soil zones (Mollisols, Ultisols and Inceptisols) clustered based on the soil 
types. For example, Zhao et al. (2016) observed high fertility Mollisols contained larger amounts 
of C and higher total, bacterial and fungal biomass compared to other soil types with lower 
amounts of C. 
Soil microbes regulate C- and nutrient-cycling along with many other ecological processes in 
soil ecosystems. Therefore, soil processes such as nitrification, denitrification, and biological N 
fixation have a close relationship with microbial composition (Reeve et al., 2010). Heterogeneity 
within soil environments results in a variety of niches which give rise to the diverse microbial 
population. These niches have varying soil fertility levels which is one of the main determinants 
of microbial community composition (Koorem et al., 2014). Girvan et al. (2003) indicated the 
importance of soil chemistry and structure in determining total bacterial community composition. 
Soil pH, OC, and total N content can be effective predictors of soil microbial community 
structures. For example, bacterial β diversity is strongly associated with soil OC content whereas 
fungal β diversity related with total N (TN) content (Hartmann et al., 2015). Furthermore, soil 
electrical conductivity, NH4+, Mn, B, and S had vast influence on microbial composition. Soil 
pH is also a stronger predictor of soil microbial community structure at the continental scale 
(Fierer and Jackson, 2006); specifically, the bacterial community structure was strongly 
correlated with soil pH at the phylum level. Others have reported when soil pH increased, 
Acidobacteria abundance increased while ∞ Proteobacteria abundance decreased resulting in a  
shift in soil bacterial community composition (Lauber et al., 2008). Additionally, a reduction in 
microbial diversity was observed in 4.5 to 8 pH range (Lauber et al., 2009). Rousk et al. (2010) 
reported that fungal community structure responded less to pH changes in the soil than bacteria. 
Soil moisture and temperature are two factors that regulate the soil microbial community 
composition. These factors have the ability to shape microbial communities either directly or 
indirectly (Lauber et al., 2013). Soil moisture content determines the O2 and nutrient availability 
for microbial activities. Microbial biomass is sensitive to abiotic changes and has been shown to 
increase more with precipitation than with soil OC (Serna-Chavez et al., 2013). Others have 
shown there was a drastic shift in relative abundance of fungal and bacterial community 
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compositions with rainfall intensity (Castro et al., 2010). Typically, the desiccation of soil 
reduces the microbial activity and facilitates fungal spore formation (Sylvia et al., 1999). 
However, Drenovsky et al. (2004) observed that at low moisture levels changes in soil microbial 
community composition were minor, indicating a greater adaptability under prolonged moisture 
deficit conditions than under excess moisture. Others have reported that gram negative (G-) 
bacterial population was dominant in drier soils whereas gram positive (G+) bacteria dominated 
in wet soils (Ma et al., 2015). The relative abundance of Proteobacteria was greater in wet 
conditions whereas Acidobacteria relative abundance was high in dry conditions (Castro et al., 
2010). Sylvia et al. (1999) reported that flooded conditions with low levels of O2 resulted in 
alterations in facultative and obligate anaerobes community abundances. Temperature also 
reportedly regulates soil moisture dynamics through evapotranspiration (Serna-Chavez et al., 
2013), with fungal abundance more sensitive to increasing temperature than bacteria. This can be 
either due to the direct response of fungi or reduction in labile substrate concentrations as a result 
of plants response to an elevated temperature which indirectly facilitates fungal growth (Castro 
et al., 2010). 
Soil ecosystems are directly affected by land use conditions (Chen et al., 2015). Land use 
changes are mainly determined by the interaction between human requirements and the 
biophysical environment. Frequently, natural ecosystems are converted into agroecosystems for 
intensified production. Ma et al. (2015) have suggested that land use disturbances and 
management practices are responsible for diversifying soil microbial profiles. Agriculture 
management and crop factors have significant effects on soil microbial communities. Changes in 
plant cover can modify the interactions between the plant and soil through nutrient acquisition 
and OM inputs. Under these influences, microbial community composition will gradually shift to 
most adapted species to the particular soil conditions (Miki et al., 2010). For example, distinct 
microbial community structures have been linked to forest, agriculture and native pastureland 
systems (Jangid et al., 2008). Girvan et al. (2003) concluded that long-term agriculture 
management practices have more significant impacts on soil bacterial community structure than 
on composition. Furthermore, the type of cropping system has enormous influences on soil 
functions and microbial biomass (Lalande et al., 2005).  
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In cropping systems, the bacterial community is strongly influenced by management 
practices while the fungal community is more strongly influenced by the type of crop (Lalande et 
al., 2005; Zak et al., 2014; Hartmann et al., 2015). Plant diversity and biomass are responsible 
for soil functions like C-cycling through OM decomposition and N-cycling, leading to increased 
availability of NH4+. Soil microbes are key regulators of soil nutrient cycling; thus, soil OM is 
the major source of available nutrients for plants and microbes.  
Most agricultural management practices directly influence soil OM dynamics. For example, 
soils managed under a pasture system contained more OM than an annual cropping system (Blair 
et al., 2006). In soil ecosystems, crop residues are the major source of soil OM. Therefore, 
quality and quantity of residues govern soil OM dynamics. In order to maintain nutrient cycles, 
adequate amounts of residue should return to the soil (Arcand et al., 2016). Microbial processing 
of plant materials also varies with the degree to which organic residues are incorporated, with 
soil residue incorporation leading to more efficient nutrient cycling than surface applied residue 
(Helgason et al., 2014). Climatic conditions, which regulates soil moisture, similarly is a major 
factor influencing residue decomposition (Helgason et al., 2014).  
Plant materials containing readily available components will easily degrade by the 
microorganisms while low-quality materials are less readily decomposed. For example, rye 
leaves with larger amounts of easily degradable substrates assimilated by soil microbes 
decomposed more quickly compared to poor quality wheat straw (Nicolardot et al., 2007). The 
quality of fresh OM often determines the diversity of decomposer community and during OM 
degradation, microbial community structure can shift in response to the available C resources 
(Bastian et al., 2009; Marschner et al., 2011). There is an immediate shift in microbial 
community structure after fresh OM addition due to an increase in the r strategist microbial 
population who prefer to live in nutrient rich environments (Pianka, 1970). At later stages of 
decomposition, K strategist microbial populations with slow growth rates will increase as they 
have a greater ability to effectively compete for resources in nutrient poor environments (Pianka, 
1970).  
A study conducted in different agriculture management systems including tillage, straw 
retention, and herbicide application identified soil OC, soluble C, microbial biomass C and soil 
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N as the factors that explained the variability in microbial community composition as measured 
using PLFA (García-Orenes et al., 2013). In cropping systems, zero or reduced tillage increases 
the microbial biomass compared to conventional tillage (Helgason et al., 2009; Jiang et al., 
2011). In these studies, residue retention promoted greater microbial biomass than in soil with 
the residue removed. Tillage and residue retention practices have the ability to change microbial 
community structures by altering soil fertility (Fierer et al., 2007; Navarro-Noya et al., 2013). 
Chowdhury et al. (2015) reported changes in microbial biomass and structure altered soil 
functions where the microbial activity of the soil where residue was removed was lower than 
where residues had been retained. This indicated that the addition of residue releases limited 
nutrients for microbes and enhances the microbial activity. Interactions between C and N inputs 
can change the soil microbial community structure. For example, N fertilizer application 
improved soil OC by increasing root exudates and the amounts of crop residues returning to the 
soil (Christopher and Lal, 2007). 
The influence of fertilizer application on microbial community dynamics can vary depending 
on the fertilizer source and application rate. Greater N availability facilitates copiotroph 
microbial community whereas oligotrophs become dominant under low N availability (Fierer et 
al., 2012). Others have reported that microbial abundance varies depending on the type of N 
fertilizer applied without any difference in application rate. For example, manure application 
increased the total PLFAs and bacterial biomass compared to inorganic N fertilizer application 
(Lazcano et al., 2013). Gram negative bacterial (Lazcano et al., 2013) and fungal abundances 
(Lalande et al., 2005) reportedly increased with manure application. Conversely, fungal biomass 
did not respond to N fertilizer type demonstrating other controlling factors on fungal abundance 
(Lazcano et al., 2013). Reeve et al. (2010) reported that organically managed systems promoted 
functional genes (nitrification, dinitrogen fixation, denitrification, urease, and dehydrogenase) 
when compared to conventional systems. Changes occurred in microbial community with biotic, 
abiotic and agriculture management having significant influences on ecosystem functions as 
microbes are the key players of soil nutrient cycling.  
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2.2. C-CYCLING IN TERRESTRIAL ECOSYSTEMS 
2.2.1. Soil C cycle 
The soil is the major reservoir of C in the terrestrial ecosystem and it contains 2000 Pg of C 
as soil OM (Janzen, 2004). Soil OM is the key component of ecosystem C and composed of a 
variety of organic components ranging from plant residues to highly decomposed humic 
compounds (Amundson, 2001). Net ecosystem production determines the balance between C 
entering into the soil and C leaving the soil to the atmosphere (Chapin et al., 2002). In natural 
ecosystems, soil C balance is mainly controlled by photosynthesis and soil respiration processes 
(Govind and Kumari, 2014). As primary producers, plants fixed atmospheric CO2 through 
photosynthesis and convert atmospheric C into forms that can be utilized by living organisms. 
Likewise, algae and cyanobacteria are capable of fixing atmospheric C and they are the major 
primary producers in certain ecosystems (Aislabie et al., 2013). A large proportion of OC present 
in soil has a plant origin, much of which is from senescing plant parts and root exudates 
(Kuzyakov and Domanski, 2000). Soil OM formation occurs through decomposition and 
transformation of plant residues and root exudates by soil microorganisms. Soil microorganisms 
are the major players of soil C and N cycling (Doran, 1987). Heterotrophic bacteria and fungi are 
the major decomposers present in the soils. During decomposition, heterotrophic microorganisms 
respire and release C into the atmosphere (Chapin et al., 2002; Janzen, 2004).  
Litter chemistry determines the quality of substrate received by the soil microorganisms and 
is the primary controller of residue decomposition (Wickings et al., 2012). Initial litter chemistry 
and decomposer community composition are responsible for chemical convergence in OM 
through decomposition process (Wickings et al., 2012). Plant biomass contributes to soil OM 
through litter decomposition. The formation of OM occurs by mineralization of organic materials 
released via microbial decomposition. In addition, OM forms by physically transferring litter 
particulates into the soil (Cotrufo et al., 2015). Agriculture exploitation of natural ecosystems is 
the main land use change responsible for the reduction of soil OM reservoirs (Janzen, 2004). 
13 
 
2.2.2. Influence of land use practices on terrestrial C cycling 
Land use changes have a significant impact on soil C-cycling. The labile fraction of OM is 
highly susceptible to management-induced changes (Janzen et al., 1998). Changes in soil OC in 
response to the agriculture land use practices influence soil microbial abundance, composition 
and their activity (García-Orenes et al., 2013). The conversion of natural undisturbed land into 
agriculture land typically replaces the diverse plant community with monoculture cropping 
systems. Furthermore, in agricultural systems, much of the biomass produced is not returned to 
the soil but is instead harvested as a marketable product. Additionally, the practice of fallowing 
reduces the quantity of plant inputs into the soil OM (McLauchlan, 2006). Conservation 
agricultural practices such as crop rotation, minimal tillage, and retention of crop residues are 
known to improve soil quality and crop productivity (Ceja-Navarro et al., 2010). For example, 
increases in soil N and C contents, soil microbial biomass and microbial diversity are associated 
with fields subjected to zero tillage with residue retention (Ceja-Navarro et al., 2010). Increasing 
residue inputs increased total microbial and bacterial biomasses in no till systems (Wang et al., 
2011; Hou et al., 2012). As a result, no till systems had greater microbial biomass C and TN 
compared to conventional tillage practices (Hou et al., 2012). The combination of no till 
practices with organic inputs increased the microbial biomass and their activity and this activity 
facilitated OC stabilization in the soil (Wang et al., 2011).  
Retaining crop residues has been linked to increased crop yield (Wilhelm et al., 2004) and 
crop residue retention has the ability to restore soil productivity (Lal, 2004). Crop residues can 
provide 40 to 46% of C to the ecosystem following biomass decomposition. In addition, 
retaining crop residues can help control soil erosion (Janzen et al., 1998), and improve soil 
physical, chemical and biological properties (Blanco-Canqui and Lal, 2009). Soil water 
conservation is another benefit related to residue retention (Wilhelm, 2004). A major benefit of 
residue retention is the increase in soil OC content (Janzen et al., 1998). Crop residues are rich in 
OC compounds and greatly contribute to the soil OC pool. The main limiting factor for microbial 
growth is the availability of labile C (Bremer and Van Kessel., 1992). An increase in OM content 
in the soil improves aggregate stability and moisture availability which favors higher microbial 
activity (García-Orenes et al., 2013). For example, Le Guillou et al. (2012) found greater 
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microbial abundance and diversity in soil amended with wheat residue than miscanthus residue 
where wheat residues have higher amounts of labile C. A study conducted in a fluvo-aquic soil in 
China found that crop residue retention had positive affects on the soil C: N ratio and 
monounsaturated fatty acid/ saturated fatty acid ratio (Wang et al., 2012). When there is a larger 
amount of easily metabolized C compounds, the majority of microbes in the community are able 
to remain active (Paterson et al., 2011).  
There is a positive correlation between microbial activity and soil labile and OC contents 
(Chowdhury et al., 2015). Long-term manure application enhances the soil C pool (Liu et al., 
2013). They reported that application of farm yard manure or crop residues increased the 
particulate OC fraction and microbial biomass C to a greater extent than inorganic fertilizer 
application. In contrast, it has been suggested that crop residue retention may be responsible for 
the depletion of native C reserves in the soil through priming effect (PE), with the magnitude of 
the PE relating to soil nutrient availability (Chowdhury et al., 2014). Microorganisms need 
nutrients (N, P, K) to utilize C from the crop residues, thus limited available nutrients in residues 
may promote microbial dependency on native soil OM. The degree of soil quality and crop 
productivity enhancement can differ based on soil type, soil functions, cropping system and 
ecosystem services (Blanco-Canqui and Lal, 2009). 
In Western Canada, the removal of crop residues for use in livestock production is a common 
practice (Zvomuya et al., 2008). Moreover, there is a growing trend towards producing paper 
products and fuel using crop residues (Malhi et al., 2006). The impact of crop residue removal 
for livestock and industrial purposes on soil quality is debatable. A study conducted using a 
Black Chernozemic soil revealed that relatively moderate amounts of residues can be removed 
from the field without any adverse effects on the overall soil C pool (Lemke et al., 2010). In 
contrast, when crop residues were removed over a 4 yr period, a substantial reduction in OC and 
nutrients in the top soil, was observed (Chowdhury et al., 2015). Different responses to crop 
residue removal may be related to other factors such as environmental conditions and 
management history. Crop residue removal reportedly has negative impacts on soil earthworm 
(Butt et al., 1999) and microbial (Blanco-Canqui and Lal, 2009) populations. 
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2.3. N-CYCLING IN TERRESTRIAL ECOSYSTEM: PROCESSES AND AGRICULTURAL IMPACT 
2.3.1 Nitrogen inputs to ecosystem 
Nitrogen (N) is a key nutritional element in living forms where it is a component of complex 
organic compounds such as amino acids, nucleic acids and proteins (Lambers et al. 1998; 
Canfield et al., 2010). In an ecosystem, N is a major factor that governs the net primary 
productivity of the ecosystem (Vitousek and Howarth, 2007). Nitrogen-cycling in a terrestrial 
ecosystem is a complex process, which is mediated through several microbial and plant 
processes (Galloway et al., 2003). During N-cycling, N may be either added or removed from the 
ecosystem. 
In a natural ecosystem, biological N fixation is the main process by which N enters the biotic 
system. Nitrogen occupies 78% of the atmospheric volume (Lambers et al., 1998); however, 
plants and most living organisms are incapable of consuming inert atmospheric N2, due to the 
high-energy requirement to break the triple bond between two N atoms (Canfield et al., 2010). 
Only certain groups of microorganisms that produce the nitrogenase enzyme are capable of 
converting N2 into usable NH4+ (Cassman and Harwood, 1995). The main N-fixing strategy in an 
agricultural system is symbiotic fixation between legume plants and Rhizobium bacteria. In 
cropping systems, leguminous plants annually fix 18.5 Tg of N symbiotically (Herridge et al., 
2008). In cereal cultivating systems, N fixation is mainly carried out by free-living 
microorganisms present in the soil. The amount of N fixed by free-living organisms is less than 
that which is fixed by symbiotic associations and depends on several biotic and abiotic factors. In 
non-legume crop lands (i.e., cereal crop lands), annual N fixation typically is less than 4 Tg 
(Herridge et al., 2008) and is not sufficient to sustain the crop growth. As a result, the N 
requirement is mainly fulfilled by applying N fertilizers. 
Nitrogen fertilizer is often used in cropping systems to increase the plant yield, as N typically 
is the most limiting nutrient in the crop production (Malhi et al., 2006). In cereal plants, N 
accumulated in mature parts are transferred into the developing grain, an essential factor that 
determines the grain quality. It has been estimated that 67% of global N fertilizer used is 
annually lost from soils (Raun and Johnson, 1999) through leaching (Cui et al., 2010), 
volatilization (Ma et al., 2010; Zhang et al., 2014), immobilization and denitrification. These 
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losses can create serious environmental problems such as eutrophication, ground water 
contamination, greenhouse gas emissions and depletion of the ozone layer (Anbessa and Juskiw, 
2012). At harvest, cereal grains typically capture less than half of the N fertilizer applied while 
the remaining N is incorporated into the soil OM through decomposition or is lost to adjacent 
environments (Raun and Jonhson, 1999). 
Approximately 95% of total soil N exists in the soil OM (Schulten and Schnitzer, 1998). 
Litter produced through plants and animal debris is the major source for soil N (Butterbach-Bahl 
and Gundersen, 2011). Decomposition is a microbial mediated process that is mainly carried out 
to acquire energy either through the oxidation of N compounds or as an alternative electron 
acceptor under anaerobic condition (Butterbach-Bahl et al., 2011). During decomposition, the 
organic N present in the soil decomposes and releases N for plant and microbial uptake (Schulten 
and Schnitzer, 1998). During this process, complex structures of stored organic N break into bio-
available monomers, which can be used by microbiota and plants. Soil microbes further break 
these monomers into simple compounds such as ammonium (NH4+) (Butterbach-Bahl and 
Gundersen, 2011). Both NH4+ and organic N can also be converted into nitrate through 
autotrophic and heterotrophic nitrification processes, respectively.  
2.3.2. Soil nitrification 
Nitrification is the biological oxidation of ammonia (NH4+) into nitrate (NO3-) (Ward, 2013). 
This is an aerobic process that is carried out by three main microbial groups; autotrophic 
ammonia oxidizers, autotrophic nitrite oxidizers and heterotrophic nitrifiers (Prosser, 2005). 
During the nitrification process an ammonium or ammonia (NH3) molecule is converted into 
nitrate (NO3-) (Ferguson et al. 2007). Each step is catalyzed by two functionally different groups 
of microorganisms. They are ammonia oxidizers and nitrite oxidizing bacteria (NOB) 
(Warrington, 1878; Kowalchuk and Stephen, 2001). The main source for reduced forms of N in 
the soil is decomposed organic N derived from plants and animals as well as applied ammonia-
based fertilizer (Processor, 2005). Heterotrophic bacteria and fungi are capable of consuming 
organic N and they excrete NH4+ through cell lysis which also is a N source for nitrification 
(Butterbach-Bahl and Gundersen, 2011).  
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NH3 + 2H+ + O2 + 2e– → NH2OH + H2O     [Eq. 2.1] 
NH2OH + H2O → NO2-+ 5H+ + 4e      [Eq. 2.2] 
NO2- + H2O → NO3- + 2H+ + 2e      [Eq. 2.3] 
(adapted from Heil et al., 2016). 
In ammonia oxidation, NH3 converts into hydroxylamine (NH2OH) that is catalyzed by the 
enzyme ammonia monooxygenase which is bound to a multi subunit plasma membrane (Eq. 2.1) 
(Kowalchuck and Stephen, 2001). Generated hydroxylamine converts into nitrite (NO2-) and this 
process is facilitated by the hydroxylamine oxidoreductase enzyme which is found in the 
periplasm (Eq. 2.2) (Processor, 2005). At the end of the process, NO2- is further oxidized into 
NO3- by NOB using nitrite oxidoreductase enzyme (Eq. 2.3) (Abeliovich, 2006). 
2.3.3. Ammonia oxidizer community and factors affecting nitrification 
Bacteria were once considered to be the sole group of ammonia oxidizers present in the soil 
(Auguet et al., 2010). However, recent studies have reported that archaea also are heavily 
involved in ammonia oxidation in various environments such as marine, terrestrial and hot water 
ecosystems. Soils normally contain few groups of Crenarchaeota that include members involved 
in nitrification (Leininger et al., 2006; Auguet et al., 2010) and their relative contribution to the 
nitrification process remains uncertain (Jia and Conrad, 2009; Banning et al., 2015). It is argued; 
however, that archaeal ammonia oxidizers (AOA) can play a vital role in the nitrification process 
(Leininger et al., 2006).  
In agriculture systems, ammonia oxidizing bacteria (AOB) and AOA communities follow 
different biogeographical patterns. For example, in nutrient rich environments with high C and N 
contents, the AOB community tends to be more dominant than the AOA community (Wessen et 
al., 2011), while the AOA communities dominate under low nutrient and acidic soil conditions 
(Erguder et al., 2009). Di et al. (2009) reported AOB as the major drivers of nitrification in 
grassland soils. In agriculture systems in the semi-arid area, AOB abundance was higher in the 
soil surface, whereas AOA abundance increased along the soil depth. Simultaneously, the 
nitrification rate also decreased along with the soil depth indicating AOB as the main 
nitrification group in the semi-arid soils (Banning et al., 2015). A study conducted in agricultural 
soils across Australia reported that the distribution of AOA and AOB, and the AOA: AOB ratio 
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were strongly correlated with climate and seasonal factors (O' Sullivan et al., 2013). In their 
study, the AOA community was more dominant at dry and high temperature conditions, while 
AOB community was dominant at wet and low temperature conditions.  
Fertilizer N application can influence the soil nitrifying community. For example, following 
inorganic N fertilizer application, soil gross nitrification increased rapidly, indicating the use of 
added N by soil nitrifiers (Inselsbacher et al., 2010). The AOB and AOA communities have 
different preferences towards soil N levels, in which AOB has a better adaptability towards 
changing environmental conditions with a preference towards nutrient rich environment (Di et 
al., 2010). In contrast, AOA are more abundant in low pH and poor nutrient status soils with 
oligotrophic condition (Valentine, 2007; Erguder et al., 2009; Di et al., 2010; Prosser and Nicol, 
2012). Application of N into the topsoil increased the AOB abundance, indicating a greater 
contribution of AOB to ammonia oxidation compared AOA at topsoil (Di et al., 2010). It has 
been argued that nitrification in soils without N application is mainly governed by AOA 
population (Sterngren et al., 2015). Long-term N fertilizer application (inorganic and organic) 
reduced the AOA abundance in the agricultural soil, while it increased AOB abundance 
(Sterngren et al., 2015). Earlier it was believed that there was no single organism able to convert 
ammonia directly into nitrate (NO3-) because of energy limitations (Costa et al., 2006). However, 
a recent study conducted in a low productivity mangrove area found that a group of nitrate 
reducing bacteria are capable of converting ammonia into nitrate by themselves (Balk et al., 
2015).  
2.3.4 Soil denitrification 
Denitrification is a respiratory process of microbiota, which reduces NO3- or NO2- to nitric 
oxide (NO), nitrous oxide (N2O) or nitrogen gas (N2). This is the main biological process that 
recycles fixed N back to the atmosphere (Shaw et al., 2006; Giles et al., 2012), and is also 
responsible for 70% of global N2O emissions (Conrad, 1996). Subclasses of Proteobacteria are 
the major group contributing to soil denitrification processes. Additionally, few archaeal species 
such as Pyrobaculum aerophilum and Haloferax denitrificans (Hayatsu et al., 2008) and a few 
fungal groups (Zumft, 1997; Shoun et al., 2012) have also been reported to perform 
denitrification. For example, the reduction of NO2- and release of N2O was observed in cultures 
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of Fusarium oxysporum and Fusarium solanai under low O2 concentrations (Bollag and Tung, 
1972). 
A broad physiological group of organisms is involved in the denitrification process is 
initiated by reducing NO3- into NO2-. This process is performed using a molybdenum containing 
a membrane-bound enzyme, called nitrate reductase that is encoded by the Nas, Nar, and nap 
genes (Moreno-vivián et al., 1999). Nitrate is also reduced to NO or N2O by the nitrite reductase 
enzyme that is encoded by nirK (Cu containing) and nirS (cytochrome cd1) genes (Levy-Booth 
et al., 2014). These two genes are commonly used markers in molecular studies and not 
commonly possessed by a single organism. Wolsing and Priemé (2004) reported that the nirK 
community was more sensitive to seasonal changes and N fertilizer sources than nirS, resulting 
in distinct community profiles with response to N fertilizer type (inorganic or organic). Nitric 
oxide reductase encoded by cytochrome bc is used in the transformation of NO to N2O (Zumft, 
1997. Reduction of N2O to N2 is facilitated by the nitrous oxide reductase enzyme that is 
encoded by the nosZ gene. The abundance of the nosZ gene is a strong parameter for assessing 
the N2O to N2 process or N2O releasing potential of an ecosystem to the atmosphere (Philippot et 
al., 2009). 
2.3.5 Factors affecting denitrification 
The denitrification process contributes to a significant loss of N from agricultural systems. 
The key main factors influencing soil denitrification are climate, soil heterogeneity and 
agricultural management practices (Philippot et al., 2007). Emission of N2O through 
denitrification is strongly correlated to soil moisture content, and in particular, water filled pore 
space (Signor et al., 2013), with high soil moisture content enhancing N2O emissions. Optimum 
N2O emission occurs at 70-80% water filled spore space. However, at soil saturation, the main 
product is N2 (Davidson and Verchot, 2000). Additionally, frequent drying and wetting cycles 
typically favor N2O emissions (Brentrup et al., 2000). Although bacterial denitrification occurs 
under anaerobic conditions, there are certain organisms that are capable of carrying the process 
in the presence of O2. For example, Burkholderia cepacia is a species that can carry out 
denitrification under oxic conditions (Matsuzaka et al., 2003; Hayatsu et al., 2008). Additionally, 
increasing environmental temperature typically increases the denitrification process to an 
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optimum (Butterbach-Bahl et al., 2013). Furthermore, temperature induced respiration reduces 
the O2 in the soil environment creating anaerobic conditions (Butterbach-Bahl et al., 2013). Soil 
pH was recognized as one of the major predictors of denitrification and its end product (N2/N2O 
ratio) where neutral soil conditions in grasslands had higher denitrification rates and high 
N2/N2O ratio whereas N2O (lower N2/N2O) was the end product of denitrification in acidic pH 
condition (Sun et al., 2012). 
2.3.6. Influence of N fertilizer application on soil microorganisms 
Soil fertility plays a vital role in maintaining agricultural production. However, in a 
continuous cropping system, available nutrients supplied through nutrient cycling are not 
sufficient to meet maximum crop yields. Application of N fertilizer is one of the important 
practices that increases crop productivity. Soil microbial abundance and diversity are two main 
factors that govern sustainability and productivity of an ecosystem (Schimel, 1995). They 
mediate soil OM decomposition and nutrient cycling (Schimel and Schaeffer, 2012). Stability of 
the microbial community composition is an important aspect of maintaining soil functions, such 
as rate of denitrification, nitrification and N fixation (Hsu and Buckley, 2009). Soil 
microorganisms respond rapidly to environmental changes (fertilizer application, tillage, crop 
diversification, herbicide application), which also lead to dynamic changes in the microbial 
abundance, activity, and diversity (Bending et al., 2004).  
Plants and soil microbes are the two main competitors for applied N fertilizer. The highest 
competition for N acquisition by the plants and microbes were reportedly observed in the first 4 
hr following N application and gradually declined after 24 hr (Inselsbacher et al., 2009). Others 
have observed a significant influence of N fertilizer application on the soil microbial abundance, 
community structure and their activity (Chu et al., 2007; Zhang et al., 2008; Harter et al., 2013; 
Sun et al., 2015). Microbial community composition and activity can vary depending on the N 
source and the application of N fertilizer typically is associated with increased basal respiration 
rates (Enwall et al., 2005). For example, higher respiration rates were observed in organic N 
amended systems than inorganic N fertilizer (Enwall et al., 2005). Furthermore, organic fertilizer 
applications typically are associated with an increase in soil microbial biomass (Toyota and 
Kuninaga, 2006) and functional diversity (Li et al., 2015), whereas microbial biomass and the 
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diversity are frequently shown to decrease under conventionally managed systems relative to 
organically managed (farmyard manure) counterparts (Sarathchandra et al., 2001; Toyota and 
Kuninaga, 2006). Long-term N fertilizer application also has been shown to alter the bacterial 
and fungal community composition (Belay et al., 2002). Gram negative bacteria are present in a 
high abundance in organic systems due to the microbial community composition of the manure 
or growth promoting effects on Bacillus spp (Chu et al., 2007). 
2.4. TOOLS TO SOIL STUDY MICROBIAL COMMUNITIES 
There are several methods for microbial community analysis. The introduction of culture 
independent molecular techniques allowed researchers to uncover previously unknown details 
about the microbial community structure and functions (Smalla, 1999).  
Determination of phospholipid fatty acids in soil is one of the common and popular methods 
used to study microbial biomass and community composition. Phospholipid fatty acids analysis 
(PLFA) quantifies fatty acids biomolecules present in the microbial cell walls and total PLFA 
give an idea about viable microbial biomass as phospholipids are deteriorated quickly after 
microbial death (Kaur et al., 2005). The PLFA technique is sensitive in detecting variations in 
the microbial community composition compared to molecular techniques (Frostegård et al., 
2011). However, PLFA has restricted ability in detecting specific microbial functional groups in 
soils, as the resolution of the communities can vary due to overlapping PLFA biomarkers and 
variations in PLFA patterns in response to the environmental factors (Ramsey et al., 2006). 
Combining stable isotope probing (SIP) techniques with PLFA can be used to detect 
metabolically active communities in soils (Boschker and Middelburg, 2002). There are 
drawbacks associated with PLFA analysis. Specifically, PLFA analysis is not able to uncover 
microbial community details at the species level nor is it useful for detecting variations in the 
archaeal microbial community (Kaur et al., 2005).  
A large number of microbial species has not been cultured under laboratory conditions, as 
they require specific conditions that are difficult to provide at the laboratory scale (Smalla and 
The, 1999). Analysis of uncultured microbial communities is carried out by analyzing 
biomolecules (proteins, lipids, and nucleic acids) found on their systems using culture 
independent approaches. Therefore, the sequencing of the microbial DNA and RNA facilitates 
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scientific investigations on whole microbial community based on specific marker genes (16S 
rRNA gene for bacteria and archaea and 18S rRNA gene for fungi) under laboratory conditions 
(Rastogi and Sani, 2011). 
Quantitative polymerase chain reaction (qPCR) techniques are widely used in microbial 
studies to measure the abundance and expression of specific functional genes in environmental 
samples. These methods can be effectively used to capture the variations in functional genes 
under changing conditions (spatially and temporally). In qPCR techniques, a fluorescence dye or 
probe is used to measure the PCR product formation and gene quantifications are done at the 
exponential phase (Smith and Osborn, 2009). Numbers of amplicon detected during analysis are 
proportional to the quantity of the specific gene that was used in the starting template (Rastogi 
and Sani, 2011). A number of primers have been identified and designed to be used effectively in 
the qPCR analysis to quantify bacteria (16S rRNA genes) and fungal microbial abundances 
(Fierer et al., 2005). In the current study, a qPCR method was used to quantify the abundance of 
genes (bacteria and archaeal amoA, nirK, nirS and nosZ) involved in N-cycling of the 
transplanted soils. Further, the composition of nitrifier and denitrifier microbial communities 
were investigated by denaturing gradient gel electrophoresis technique (DGGE). Culture 
independent molecular approaches consist of low-throughput and high throughput approaches. 
DGGE, TGGE, TRFLP and Sanger sequencing are low-throughput methods, while next 
generation sequencing (454-sequencing and Illumina sequencing) are high-throughput 
sequencing methods by which a large number of parallel samples with added barcodes can be 
processed (Rincon-Florez et al., 2013).  
Genetic diversity of microbial communities can be determined using the DGGE approach. 
For example, Uitierlinden (1993) amplified taxonomic targets from environmental DNA 
extractions using a PCR technique. Dissimilarities between the sequences of a specific gene were 
determined through gel electrophoresis. Separation of DNA fragments of equal length with 
different sequences exposed the DGGE fingerprints of the particular targets. During the gel 
electrophoresis, sequence length determines the migrating position in the gel. Identification of 
phylogenetic structure of specific microbial communities can be done by excising bands from the 
gel, reamplifying and sequencing for genetic identities (Rastogi and Sani, 2011). The main 
limitation of the DGGE technique is the inability to capture total microbial diversity.  
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As the cost of DNA sequencing decreases, researchers have started to heavily use next 
generation sequencing approaches to profile microbial diversity in environmental samples. High 
throughput sequencing techniques can capture advance information about phylogenetic and 
functional diversity in the microbial communities (Wu et al., 2015). Although there are 
numerous high throughput next generation sequencing techniques, the Illumina platform has 
become popular due to its low cost, quick analysis and greater precision relative to other 
techniques (Bartram et al., 2011; Caporaso et al., 2011, 2012). All the molecular analysis tools 
provide details regarding microbial identification; however, it is a great challenge in microbial 
ecology to identify regulators of ecosystems processes.  
The stable isotope probing (SIP) approach is the main approach used to identify 
metabolically active microbial communities (Boschker and Middelburg, 2002). Using this stable 
isotope probing technique, commercially available stable isotope enriched substrates (typically 
13C) are added to an environmental sample and the microbial biomarkers enriched with the stable 
isotope are subsequently analyzed (Dumont and Murrell, 2005). After exposing the 
environmental sample to a labelled substrate, microbiota assimilates and incorporate these 
substrates into their biomass. By analyzing the PLFA and DNA enriched with isotope molecules, 
the microbial community diversity related with ecosystem functions can be more clearly 
understood (Neufeld et al., 2007). 
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3.0. A SURVEY OF MICROBIAL ABUNDANCE AND DIVERSITY IN TRANSPLANTED CHERNOZEMS 
MANAGED UNDER COMMON CLIMATE AND TOPOGRAPHIC CONDITIONS FOR 21 YEARS  
3.1. PREFACE 
Soil microbial community composition and diversity are important to ecosystem functions, 
including nutrient cycling. Therefore, identifying and understanding the dominant factors 
influencing microbial community composition and abundance is beneficial for sustainable 
agricultural management. To date, numerous studies have been conducted to elaborate how 
particular soil responds to management in a given location. However, different soils respond 
differently to the same management condition and the difference in response across soils is 
confounded by the climate and topography. The influence of confounding factors may mask the 
true determinants of microbial dynamics. The long-term transplanted soil experiment at AAFC, 
Lethbridge provides an opportunity to study diverse soil communities by uncoupling these 
confounding effects. The goal of this chapter is to determine how microbial community 
abundance and community structures changed across diverse soils maintained for >21 yr under 
common climatic, topographic and management conditions following management and land use 
changes. 
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3.2. ABSTRACT 
Soil microbial community abundance and diversity are major determinants of 
biogeochemical cycling. A long-term soil quality experiment was established in 1990 at the 
Agriculture and Agri-Food Canada (AAFC) research station in Lethbridge, AB to examine the 
effects of agricultural management practices on different transplanted Chernozems managed 
under common climatic and topographic conditions. Transplanted soils were continuously 
cropped to wheat with residues removed at harvest and with nitrogen (N) fertilizer applied either 
at 0 or 60 kg N ha-1. A survey of microbial community composition and nitrifier and denitrifier 
community structures was conducted in 2012, >21 yr after the field trial was established. 
Phospholipid fatty acid (PLFA) profiling, quantitative real-time Polymerase Chain Reaction 
(qPCR) and denaturing gradient gel electrophoresis (DGGE) analysis of N-cycling functional 
genes revealed that soil origin and land use history had a dominant long-term impact on 
microbial abundance and community composition. Furthermore, long-term N fertilizer 
application did not influence total microbial biomass, bacterial and fungal abundance. The 
highest microbial biomass (26.7 and 25.2 nmol g-1 soil) were observed in soils with a history of 
cereal cultivation (CC) and those which had received manure (RM) at a rate of 30 t ha-1, 
respectively, whereas transplanted sub-surface soils from B and C horizons (BH and CH, 
respectively) had the lowest microbial biomass. Greater 16S rRNA gene abundance (log 10.7 
gene copies g-1 dry soil) was observed in high fertility cereal cultivated (CC) soil. Bacterial 
amoA and nirS community compositions were significantly influenced by N application; 
however, the degree of influence was mainly regulated by soil origin. The bacterial amoA 
community structure of high fertility soils (CC and PL) converged following long-term N 
fertilization. Soil fertility was responsible for the greatest overall microbial community 
differences in transplanted soils. Soil origin reflected soil genesis and land use history and was 
the major basis of fertility differences even after >21 yr of common conditions. These findings 
suggest that the legacy of soil fertility is a more important determinant of microbial community 
composition than current conditions.  
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3.3. INTRODUCTION 
Soil microorganisms are important for many agroecosystem functions and sustainable land 
use. They contribute to soil organic matter (OM) decomposition, carbon (C) dynamics and thus 
changes that occur in microbial communities consequently affect soil processes (Cavigelli and 
Robertson, 2001). Currently, there is a growing interest in determining the best predictors of 
microbial community abundance and composition which related to nutrient cycling in terrestrial 
ecosystems. Soil microbial abundance and community structure follow different patterns at 
various ecological scales; however, the key drivers behind those patterns are not fully 
understood. Understanding the cause of these patterns is the foundation for sustainable 
ecosystems management (Levin, 1992).  
Microbial community composition and structure in agricultural soils are highly complex and 
are governed by various biotic and abiotic factors such as soil physical and chemical properties, 
soil management and environmental conditions. Several studies have shown the influence of 
agricultural and land use changes on the presence of soil organisms or specific functional groups 
(Buckley and Schmidt, 2001; Allison et al., 2005; Ding et al., 2013; Cederlund et al., 2014; 
Hartmann et al., 2015) while other studies found that soil environmental factors largely impacted 
microbial dynamics (Buckley and Schmidt, 2003; Fierer and Jackson, 2006). Furthermore, soil 
chemical properties such as pH, OC and TN content also affect soil microbial community 
structure (Girvan et al., 2003; Hartmann et al., 2015). These findings are useful in understanding 
the microbial functions and community composition under specific environmental conditions 
associated with a particular geographic location (Wieland et al., 2001; Buckley and Schmidt, 
2003; Drenovsky et al., 2010; Marschner et al., 2011; Philippot et al., 2013). However, much of 
this work has been unable to decouple the effect of soil characteristics from confounding factors 
such as climatic, topographic and hydrology (Zvomuya et al., 2008; Olson et al., 1996 ).  
A long-term field experiment in which a variety of soils were transplanted at a single site 
located at Lethbridge, AB, Canada on AAFC research station, provided a unique opportunity to 
assess the effects of soil quality parameters on microbial community abundance, composition 
and functions by decoupling the influence of confounding factors such as climate, topography 
and hydrology that normally complicates inter-site comparisons of different soils ( Olson et al., 
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1996; Zvomuya et al., 2008; Janzen et al., 2012). Long-term research sites serve as “test beds” 
which provide the opportunity to reveal dynamics of ecosystem processes and patterns which 
may develop slowly over many years (Hobbie et al., 2003). In 1990, when establishing the long-
term soil quality experiment, researchers transplanted the Ap/Ah and two sub-surface horizons 
from 36 different Chernozems having distinct physical, chemical (variable fertility levels) and 
biological characteristics (Zvomuya et al., 2008; Janzen et al., 2012). Two levels of N fertilizer 
(0 and 60 kg N ha-1) were applied to the soil treatments using a split plot design. The field has 
been continuously cropped with wheat and crop residue was removed annually (Olson et al., 
1996). After 14 years of transplantation, some convergence in C and N mineralization was 
observed by Zvomuya et al. (2008). Since there is known to be a significant relationship between 
soil nutrient cycling and microbial dynamics, the current research hypothesized that identical 
agricultural management, climatic and topographic conditions would cause convergence of the 
abundance and diversity of microbial communities and N-cycling functional groups (nitrifiers 
and denitrifiers) in different transplanted soil types. 
The main objectives were to survey the microbial abundance, composition and community 
structure of different Chernozems and to observe whether there was a convergence of microbial 
phylogenetic and functional diversity in soils of different origin, managed under common 
conditions for >21 yr. The specific objectives of this study were to compare the current microbial 
composition and community structure of the transplanted soils and to determine the impacts of N 
fertilization (+/-) on overall microbial abundance and community structure in nitrifier and 
denitrifier communities of transplanted soils. 
3.4. MATERIALS AND METHODS 
3.4.1. Long-term soil quality experiment design and implementation  
The experimental site is located at the Agriculture and Agri-Food Canada Research Station at 
Lethbridge, AB, Canada (49°42′ N, 112°50′ W) and has been described by others (Olson et al., 
1996; Zvomuya et al., 2008). The field site had level topography and uniform soil characteristics 
prior to soil transplantation. The original soil characteristics of the field were classified as an 
Orthic Dark Brown Chernozem (Typic Boroll) with a 20 cm Ap horizon, a thin B horizon (≤ 10 
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cm) and a calcareous C horizon and the site was annually cropped (Olson et al., 1996; Zvomuya 
et al., 2008; Janzen et al., 2012). 
Donor sites included 36 different Chernozems from southern Alberta with different chemical, 
physical and biological characteristics. Most of the soils were obtained from sites located within 
the Lethbridge Research Centre and surrounding area; however, they had diverse chemical, 
physical and biological properties. Soil selection was carried out based on soil OM content, soil 
texture, and management history. Most of the transplanted soils included top soils (Ap/Ah 
horizons) from the research station; however, two transplanted soils were two sub-surface soils 
(B and C horizons) from adjacent locations that had experienced erosion. The remaining soils 
were selected from sites located within a 100 km radius of the experimental site (Olson et al., 
1996).  
In 1990, the original top soil (Ap) at the site was stripped with minimum compaction to 
expose the subsoil. Top soils were excavated from the three blocks by an excavator with a 2.4 m 
wide shovel (Olson et al., 1996). The average depth of excavation was 23 cm. After top soil 
removal, the exposed subsoil was mainly C horizon with some thin B horizon remaining in some 
locations. The subsoil was lightly tilled (~ 2 cm) using a disk harrow to roughen the interphase of 
original subsoil and transplanted soils (Zvomuya et al., 2008). One truck-load of donor soil (8 
Mg dry weight) was used for each replicate of a particular soil. Three replicates of soil were 
collected separately from each donor site ( Janzen et al., 2012). The soils were deposited in 5 m 
by 6 m plots that were delineated by temporary wooden frames, which were removed after the 
soils from adjacent plots had been deposited. The mean depth of deposition after two years of 
transplanting was 19 cm, with a range of 15 to 24 cm (Zvomuya et al., 2008). Visual differences 
in the transplanted soil types can be seen from an aerial photo taken four weeks after the site was 
established (Fig. 3.1).  
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Fig. 3.1. Aerial view of the soil quality experiment field taken four weeks after initial 
deposition in 1990 (adapted from Janzen et al., 2012). 
 
The experimental design was a split plot where the main plots were arranged in a randomized 
complete block design (n=3). Transplanted soil type was used as the main plot factor with the 
rate of N fertilizer as the subplot factor (Zvomuya et al., 2008). Each main plot was subdivided 
into two and treated with N fertilizer rates of 0 and 60 kg N ha-1 with subplots randomly 
allocated within each main plot. The N fertilizer was applied in 6 m by 3 m (0 kg N ha-1) and 6 m 
by 2 m (60 kg N ha-1) size plots and N was broadcasted as NH4NO3 prior seeding each year 
(Zvomuya et al., 2008). 
In 1991, the site was seeded to spring wheat (Triticum aestivum L.) after N fertilizer was 
broadcasted. Phosphorous (P) fertilizer was applied as triple superphosphate in the seed row at a 
rate based on soil test P for each transplanted soil (13 to 20 kg P ha-1). Beginning in 1991, the 
field has been continuously cropped to wheat and zero tillage has been practiced preventing soil 
mixing between the plots. Further, seeding and harvesting also have been conducted with 
minimal disturbances. After harvesting, remaining crop residues were swathed, baled and 
removed for livestock bedding (Zvomuya et al., 2008). This is a typical practice in the region 
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where the concentration of intensive beef feedlot operations is high, requiring straw as the 
bedding material.  
3.4.2. Microbial community profiling 
Starting from the establishment of the transplanted experiment, every seven years the soil has 
been sampled for routine chemical and physical analyses. However, to date, there were only 
limited microbial analyses carried out in these soils. In the current study, it was hypothesized that 
identical management, climatic and topographic conditions would result in the convergence over 
time of the diverse soil biogeochemical functions, microbial abundance and community 
structures of these transplanted soils. A survey was conducted to observe the potential changes in 
soil microbial properties after 21 yr of identical climatic, topographic and management 
conditions. To investigate the microbial properties, 10 transplanted soils with diverse soil 
properties at the time of transplanting, including both the N fertilized and unfertilized counterpart 
(i.e., 10 soil types by two N fertilizer treatments by three replicates) were selected. A summary 
of the history of land use and soil characteristics of the selected transplanted soils for the current 
study is presented in Table 3.1. Both management history and soil organic C (OC) and total N 
(TN) contents were used to select the soils that ultimately were further studied. Soil OC and TN 
contents measured in the original transplanted soils (1990) and 21 yr (2011) after transplantation 
were used to get a general idea of soil fertility, and a range of soils with different management 
and fertility were chosen for comparison (Figs. 3.2 and 3.3). 
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Table 3.1. Description and background information of selected transplanted soils.  
Soil origin Soil # Soil zone Soil texture Soil characteristics 
Native grassland (NG) 2 Dark Brown Sandy clay loam Previously uncultivated soil, native grassland Ah horizon 
Dryland wheat (DW) 4 Dark Brown Sandy clay loam Continuous dryland wheat since 1911 
Cereal cultivated (CC) 8 Black Clay loam Highest soil inherent fertility, land was a native grassland 
until 1982 and continuous cereal production 
Pastureland (PL) 9 Black Clay loam Highest inherent fertility, native pastureland 
Dryland tilled fallowed (DTF) 11 Dark Brown Clay loam Low inherent fertility, continuous dryland tilled and 
summer fallowed since 1911 (pathway to an experiment 
field) 
Irrigated tilled fallowed (ITF) 16 Dark Brown Sandy clay loam Irrigated tilled summer fallowed since 1911 (pathway to an 
experiment field) 
Manured (30 t ha-1) (RM) 22 Dark Brown Clay loam Wet manure was applied 30 tons ha-1 since 1973 and 
continuous dryland barley cultivation 
Manured (90 t ha-1) (HM) 23 Dark Brown Clay loam Wet manure was applied 90 tons ha-1 continuously since 
1973, continuous dryland barley cultivation 
B horizon (BH) 26 Dark Brown Clay loam Sub-surface soil from an eroded native grassland 
C horizon (CH) 27 Dark Brown Loam Sub-surface soil from an eroded native grassland 
 
 
  
 
 
31 
 
32 
 
 
Fig. 3.2. Soil organic C content in 1990 and 21 yr (2011) after transplanting. (reproduced with 
permission from Janzen and Ellert, unpublished data 1999). Black to grey colors represent the 
fertility gradient from high to low. NG- native grassland, DW- dryland wheat, CC- cereal 
cultivated, PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated TF, RM- manured 30 t 
ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon.  
 
Fig. 3.3. Soil total N content in 1990 and 21 yr (2011) after transplanting. (reproduced with 
permission from Janzen and Ellert, unpublished data 1999). Black to grey colors represent the 
fertility gradient from high to low. NG- native grassland, DW- dryland wheat, CC- cereal 
cultivated, PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated TF, RM- manured 30 t 
ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon.  
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3.4.3. Soil sampling and processing  
Soil sampling was carried out in September 2012 using an E.G. truck-mounted Giddings soil 
sampler, equipped with a 3.175 cm diameter sampling probe. Four soil cores were obtained from 
each replicate to a depth of 0 to 10 cm. The number of samples obtained from each plot was 
limited to avoid soil compaction due to the truck movement and to preserve the integrity of the 
experiment. Moreover, obtaining four soil cores has proven to be sufficient for long-term agro 
ecosystem studies across Canada to observe a significant difference in soil OC amounts 
(VandenBygaart and Angers, 2006). Soil samples were immediately placed in portable coolers in 
the field and later stored in a cooler (4ºC) at AAFC within 2 hr of sampling. Samples were 
transported from Lethbridge to Saskatoon in portable coolers. 
The soil samples were processed by sieving through a 4 mm mesh size sieve and were 
subsequently stored at -80oC for DNA analyses, -20ºC for PLFA analyses and 4ºC for soil 
chemical analyses. Soil gravimetric moisture contents were determined by placing 10 g of fresh 
soil in a conventional oven for 24 hr at 105ºC. 
3.4.4. Microbial abundance and community composition analysis 
Determination of phospholipid fatty acids (PLFA) in soil is one of the common methods used 
to study microbial abundance and community structure. Phospholipid fatty acid profiling is a 
rapid and economical method for detecting shifts in microbial community composition compared 
to molecular techniques (Frostegård et al., 2011). However, PLFA profiling is restricted in its 
ability to detect specific microbial functional groups in soils as the resolution of the communities 
can vary due to overlapping PLFA biomarkers and variation in PLFA patterns in response to 
environmental factors (Ramsey et al., 2006). 
Phospholipid fatty acids analysis was performed to assess total microbial abundance and 
community structure (i.e., bacteria, fungal and AMF). Phospholipids fatty acids analysis was 
conducted according to the method adopted by Helgason et al. (2009) from White et al. (1979) 
based on the original method of Bligh and Dyer (1959). In preparation for PLFA, the soils were 
freeze-dried for 48 hr and stored at -80ºC until use. Prior to use, the freeze-dried soil samples 
were ground using a mortar and pestle. Briefly, fatty acids were extracted from 4 g of dried 
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lyophilized sample using 15 mL of phosphate buffered extractant solution (CH3OH: CHCl3: 
Phosphate buffer at a ratio of 2:1:0.8). The fatty acids were then separated on a solid phase 
extraction column (0.50 g Si; Varian Inc. Mississauga, ON). Fatty acids were methylated and 
identified using gas chromatography (Hewlett Packard 5890 Series II, Hewlett Packard Scientific 
Instruments, Palo Alto, CA) and peaks were identified using fatty acid standard and MIDI 
software (MIDI Inc., Newark, DE). Methyl nonadecanoate (19:0) was used as an internal 
standard. Total microbial biomass was calculated by summing all identified PLFA peaks. 
Specific biomarkers were used to assess the relative abundance of microbial functional groups 
(Table 3.2). Physiological stress biomarkers for stress 1 and 2 were evaluated by ratios of cy17:0 
to 16:1ɷ7c and cy19:0 to 18:1ɷ7c, respectively (Grogan and Cronan, 1997). 
Table 3.2. Biomarkers used to calculate the abundance of specific functional groups. 
Functional group Biomarkers References 
Bacteria i14:0, i15:0, a15:0, i16:0, 16:1ɷ7c, 
10Me16:0, i17:0, a17:0, cy17:0, 
10Me17:0, 18:1ɷ7, 10Me18:0, cy19:0 
(Helgason et al., 2010a) 
(Bååth and Anderson, 2003) 
G
+
 bacteria i14:0, i15:0, a15:0, i16:0, i17:0, a17:0 (Helgason et al., 2010b) 
(Hedrick et al., 2005) 
G
-
 bacteria 16:1ɷ7t, 16:1ɷ9c, 16:1ɷ7c, 18:1ɷ7c, 
18:1ɷ9c, cy17:0, cy19:0 
(Helgason et al., 2010b) 
(Macdonald et al., 2004) 
Fungal 18:2ɷ6,9 (Bååth and Anderson, 2003) 
AMF
† 16:1ɷ5c (Helgason et al., 2010) 
      †Arbuscular mycorrhizal fungi  
3.4.5. Extraction of DNA, microbial abundance and community structure analysis 
DNA was extracted from 0.25 g of fresh soil stored in -80ºC using a PowerSoil DNA 
isolation kit (MO BIO Laboratories, Inc., Carlsbad, CA) per the manufacturer’s instructions. 
Concentrations of DNA were measured using a Qubit® 2.0 Fluorometer with Qubit® dsDNA HS 
assay kit (Thermo Fisher Scientific, Waltham, MA USA). Extracted DNA was stored at -80ºC 
prior to further analysis.  
Quantitative real-time Polymerase Chain Reaction (qPCR) was conducted to quantify the 
number of gene copies per unit of soil for key target genes including the 16S rRNA gene, 
bacterial amoA (AOB), archaeal amoA (AOA), nirS, nirK and nosZ genes. The community 
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structure of microbial groups involved in key aspects of N turnover (bacterial and archaeal 
amoA, nirK, nirS and nosZ) also were analyzed using a Denaturing Gradient Gel Electrophoresis 
(DGGE) technique. 
3.4.6. Estimation of microbial population size using qPCR 
Standard preparation was performed prior to qPCR analysis and the primer pairs for the 
desired targets were selected based on the literature indicated in Table 3.3. The PCR amplified 
template was loaded onto a 1% agarose gel and excised. Gel purification was performed using a 
Qiagen QIAquick gel extraction kit (Qiagen, Mississauga, Ontario, Canada). The target insert 
was ligated into the vector using an Invitrogen TOPO TA Cloning® Kit with One Shot® MAX 
Efficiency™ DH5α-T1R E. coli (Life Technologies, Burlington, ON). Colonies successively 
cloned with the insert (white colour) were cultured in liquid broths following the protocol in the 
TOPO TA Cloning® Kit and incubated at 37ºC for 16 hr. DNA (plasmid with insert) was 
extracted from the cultures using Qiagen QIAprep Spin Miniprep kit (Qiagen, Mississauga, 
Ontario, Canada). The DNA was sent for Sanger sequencing (Macrogen, Seoul, Korea) to verify 
the presence of target sequences. Until further use, DNA was stored at -80ºC. Prior to qPCR 
analysis, linearization of plasmids with insert was done using Hind III restriction enzyme (Life 
Technologies, Burlington, ON) and run on a 1% agarose gel. The bands with linearized products 
were excised and gel purified. DNA was quantified using a Qubit® 2.0 Fluorometer with Qubit® 
dsDNA HS assay kit (Thermo Fisher Scientific, Waltham, MA USA). The detailed description of 
the standards used for the qPCR analysis is indicated in Table 3.3.  
Prior to qPCR analysis, genomic DNA template concentrations of the samples were 
measured using a Qubit® 2.0 Fluorometer with Qubit® dsDNA HS assay kit (Thermo Fisher 
Scientific, Waltham, MA USA) and the concentrations were adjusted to 10 ng µL-1. Template 
DNA was further diluted to remove inhibition where required, based on trial and error method 
(up to 100-fold dilutions). Gene quantification of each sample was performed in triplicate in 96 
well plates and quantified using a ABI StepOnePlus Real-time PCR system (Life Technologies, 
Burlington, ON). 
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The 16S rRNA (Fierer et al., 2005), bacterial amoA (Rotthauwe et al., 1997; Stephen et al., 
1999), archaeal amoA (Tourna et al., 2008), nirS and nirK (Throbäck et al., 2004) and nosZ 
(Henry et al., 2006; Clark et al., 2012) gene copy numbers were quantified using the primer pairs 
mentioned in the Table 3.3. Detailed descriptions of reaction mixtures and conditions can be 
found in appendix A. 
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Table 3.3. Description of qPCR standards and primers. 
Gene Source Product 
size (bp) 
Primers 
  
References 
16S rRNA Pseudomonas stutzei 200 EUB338 
EUB518 
(Fierer et al, 2005) 
Bacterial amoA Nitrosomonas europa  ~450 amoA1F 
amoA2R 
(Rotthauwe et al., 1997; 
 Stephen et al., 1999) 
Archaeal amoA Fosmid 54d9 624 Crenamo23F 
Crenamo616R 
(Tourna et al., 2008) 
nirS Pseudomonas stutzei 410 Cd3aF 
R3cd-R 
(Throbäck et al., 2004) 
nirK Sinorhizobium meliloti 473 nirKH1F 
nirK1R/R3Cu 
(Dandie et al., 2011) 
nosZ Pseudomonas stutzei 268 nosZ2F 
nosZ2R 
(Henry et al., 2006) 
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3.4.7. Assessing nitrifier and denitrifier community structure 
Denaturing gradient gel electrophoresis was conducted for bacterial amoA, archaeal amoA, 
nirS, nirK and nosZ genes on selected transplanted soils based on qPCR results and PLFA 
analysis. Based on PLFA and qPCR data, soils with the highest (i.e., CC, PL, RM) and moderate 
levels (i.e., DTF) of total microbial biomass and 16S rRNA gene copy numbers were used for 
DGGE analysis. In addition, these soils had different historical backgrounds in terms of origin 
and land use which gave rise to variable fertility levels. The detailed description of the primers 
used for the DGGE is indicated in Table 3.4 
Except for AOA, each set of primers contained a GC clamp on the 5’ end of either forward 
(bacterial amoA, and nosZ) or reverse primer (nirS and nirK). A nested PCR approach was used 
for the bacterial amoA gene (Muyzer et al., 1993; Kowalchuck et al., 1997) while a touchdown 
PCR approach was used for the nirK and nirS genes (Smith et al., 2010). The PCR reaction 
mixture and conditions were followed according to the Table 3.5. The PCRs were performed 
with a Bio-Rad T100™ Thermal Cycler (Bio-Rad Mississauga, Ontario, Canada). The PCR 
products were subjected to gel electrophoresis on 1% agarose gel stained with SYBR Safe (Life 
Technologies, Burlington, Ontario, Canada) and visualized under UV light to confirm the correct 
product size. The PCR products were purified from the agarose gel using QlAquick PCR 
purification kit (Qiagen, Mississauga, Ontario, Canada). The purified PCR products were 
quantified using a Qubit® 2.0 Fluorometer with Qubit® dsDNA HS assay kit (Thermo Fisher 
Scientific, Waltham, MA USA). 
Denaturing gradient gel electrophoresis was performed with a BioRad DCode system (Bio-
Rad, Mississauga, Ontario, Canada). Stock solutions of 80% (30 mL of 40% Acrylamide Bis, 2 
ml of 50 × TAE buffer, 32 mL formamide, 33.6 g urea and deionized H2O) and 0% (25 mL of 
40% Acrylamide Bis and deionized H2O) denaturants were prepared and stored at 4oC.  
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Table 3.4. Description of primers used in DGGE analysis. 
Gene Primers‡ References 
Bacterial amoA
† CTO189F GGAGRAAAGCAGGGGATCG 
CTO654R CTA GCY TTG TAG TTT CAAACGC 
Kowalchuck et al., 1997 
Muyzer et al., 1993 
P3(357F-GC) gc-CCTCGGGAGGCAGCAG  
P2(518R) ATTACCGCGGCTGCTGG 
Archaeal amoA CrenamoA23F ATGGTCTGGCTWAGACG 
CrenamoA616R GCCATCCABCKRTANGTCCA 
Tourna et al., 2008  
Offre et al., 2009 
nirS
†† Cd3aF GTSAACGTSAAGGARACSGG 
R3cd gc-GASTTCGGRTGSGTCTTGA 
Thröback et al. 2004 
Smith et al. 2010 
nirK F1aCu ATCATGGTSCTGCCGCG 
R3Cu gc-GCCTCGATCAGRTTGTGGTT 
Thröback et al. 2004 
Smith et al. 2010 
nosZ
†† nosZ-F1181 gc-CGCTGTTCITCGACAGYCAG         
nosZ-R1180 ATGTGCAKIGCRTGGCAGAA 
Ma et al., 2008 
                                  †Nested PCR approach 
                                  ‡Primers were purchased from Sigma Aldrich, Oakville, Ontario, Canada 
                                  ††
Touchdown PCR approach 
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Table 3.5. Polymerase chain reaction (PCR) amplification conditions for DGGE. 
Target Primer Reaction mixture PCR conditions 
Bacterial amoA 
 
CTO654R 
CTO189F 
  
- PCR master mix† 10 µl 
-Primers (25 µM) 0.5 µl 
-Bovine serum albumin (10 mg µl-1) 0.625 µl  
 -Rnase free H2O 6.37 µl  
-Template DNA 2 µl 
95°C, 5 min 1 cycle followed by10 cycles of 94°C for 30 
sec, 55°C for 30 sec, 72°C for 1 min  
Followed by 25 cycles of 92°C for 30 sec, 55°C for 30 sec, 
72°C for 1 min and 1 cycle of 72°C for 10 min 
P2(518R) 
P3(357F-gc clamp) 
-PCR master mix 10 µl 
-Primer (25 µM) 0.5 µl 
-Bovine serum albumin (10 mg µl-1) 0.625 µl  
 -Rnase free H2O 7.8 µl  
-Template DNA 4 µl (<200 ng) 
95°C, 5 min 1 cycle followed by10 cycles of 94°C for 30 
sec, 55°C for 30 sec, 72°C for 1min  
Followed by 25 cycles of 92°C for 30 sec, 55°C for 30 sec, 
72°C for 1 min and 1 cycle of 72°C for 10 min 
Archaeal amoA Crenamo23F 
Crenamo616R 
-PCR master mix 10 µl 
-Primers (25 µM) 0.75 µl 
-Bovine serum albumin (10 mg µl-1) 0.625 µl  
 -Rnase free H2O 3.87 µl  
-Template DNA 4 µl 
95°C, 5 min 1 cycle followed by10 cycles of 94°C for 30 
sec, 55°C for 30 sec, 72°C for 1min  
Followed by 25 cycles of 92°C for 30 sec, 55°C for 30 sec, 
72°C for 1 min and 1 cycle of 72°C for 10 min 
nirS Cd3aF 
R3cd-R-gc clamp 
-PCR master mix 10 µl 
-Primers (25 µM) 0.75 µl 
-Bovine serum albumin (10 mg µl-1) 0.625 µl  
 -Rnase free H2O 6.37 µl  
-Template DNA 2 µl 
95oC for 5 min 1 cycle followed by 7 cycles of 94oC for 45 
sec, 61oC for 60 sec (-1°C per cycle), 72oC for 90 sec, 
followed by 30 cycles of 94 oC for 45 sec, 59 oC for 60 sec 
and 72 oC for 90 sec and 1 cycle of 72 oC for 15 min 
nirK nirKH1F 
nirK1R/R3Cu 
-PCR master mix 10 µl 
-Primers (25 µM) 0.75 µl 
-Bovine serum albumin (10 mg µl-1) 0.625 µl  
 -Rnase free H2O 6.37 µl  
-Template DNA 2 µl 
95oC for 5 min 1 cycle followed by 7 cycles of 94oC for 45 
sec, 61oC for 60 sec (-1°C per cycle), 72oC for 90 sec, 
followed by 30 cycles of 94 oC for 45 sec,59 oC for 60 sec 
and 72 oC for 90 sec and 1 cycle of 72 oC for 15 min 
nosZ nosZ2F 
nosZ2R 
-PCR master mix 12.5 µl 
-Primers (25 µM) 0.75 µl 
-Bovine serum albumin (10 mg µl-1) 0.78 µl  
 -Rnase free H2O 12.22 µl  
-Template DNA 3 µl 
95oC for 5 min 1 cycle, followed by 35cycles of 94°C, 
40 sec 56°C, 40 sec, 72 °C, 1 min and 1 cycle of 72 °C, 
5 min 
†HotStarTaq Master Mix Kit (Qigen, Toronto, Ontario, Canada), Bovine serum albumin (Amersham Biosciences, Mississauga, ON, 
Canada), primers (Sigma Aldrich, Oakville, Ontario, Canada.
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Denaturing gradient gel electrophoresis gels containing 8% acrylamide were used to obtain 
the gel gradients. For each replicate sample (n=3), approximately 600 ng of amplified product 
was loaded into each lane (30 µL). The gel gradient, voltage, and duration for gel electrophoresis 
were followed according to Table 3.6. At the end of electrophoresis, the resulting gel was stained 
with SYBR Safe (Life Technologies, Burlington, Ontario, Canada) in TAE buffer for 30 min and 
visualized using a gel imaging unit (BioRad, Mississauga, Ontario, Canada). Selected bands (i.e., 
those that were either unique or very abundant) were excised from the gel using a sterilized 
scalpel and DNA was eluted in sterilized deionized water by incubating for 30 min at 37ºC. 
Eluted DNA was re-amplified according to the protocols mentioned in Muyzer et al. (1996) and 
Kowalchuk et al. (1997) for bacterial amoA, Offre et al. (2009) for archaeal amoA, Smith et al. 
(2010) for nirS and nirK and Ma et al. (2008) for nosZ. The resulting PCR products were 
purified using QlAquick PCR purification kit (Qiagen, Mississauga, Ontario, Canada) and sent 
for Sanger sequencing (Macrogen, Seoul, Korea). Microbial identifications were conducted by 
comparing DNA sequences with GenBank databases using the BLAST algorithm (Altschul et al., 
1997). 
Denaturing gradient gel electrophoresis gels were analyzed using Bionumerics v.5.1 software 
(Applied Maths, Austin, TX). DGGE bands were selected using minimum profiling of 5%, a 
position tolerance of 1.5% and an optimization of 2%. Cluster analysis was performed using 
Pearson correlation coefficients created by densitometric curves and the Ward linkage method. 
Band matching and binary presence-absence matrix were obtained using densiometric curves.
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Table 3.6. DGGE gel electrophoresis conditions for bacterial and archaeal amoA, nirS, nirK and nosZ. 
Target Gradient Voltage (mv) Time (hr) Reference 
Bacterial amoA 35-55% 75 17 (Muyzer et al., 1993; Kowalchuk et al., 1997) 
Archaeal amoA
† 20-50% 100 15 (Offre et al., 2009) 
nirS 30-70% 75 17 (Smith et al., 2010) 
nirK 30-70% 75 17 (Smith et al., 2010) 
nosZ 40-60% 40 16 (Ma et al., 2008) 
†The linear gradient was optimized to 20 to 50% 
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3.4.8. Soil chemical analysis 
Analysis of available NO3-, SO42-, PO43- and K+ were performed by a commercial soil 
analysis laboratory (ALS Environmental, Saskatoon, SK). Available NO3- and NO2- were 
extracted from soil using a diluted CaCl2 solution. The extracted NO3- was reduced to NO2- by 
passing through a reducing Cd column. The color development was done by adding diazotizing 
with sulfanilamide followed by N-(1-naphthyl) ethylenediamine dihydrochloride. The 
absorbance of resulting magenta color solution was measured at 520 nm using a 
spectrophotometer (Alberta, Soils, and Animal Nutrition Laboratory, 1988). 
Plant available phosphorous (PO43-) and potassium (K+) were extracted using a modified 
Kelowna solution (Qian et al., 1994). The P concentration was measured colorimetrically at 880 
nm using a spectrophotometer. The K+ was determined by flame emission spectrophotometer at 
770 nm. The plant available SO4-S was extracted using a weak CaCl2 solution. The SO4-S in the 
extractant was measured using an ICP Optical Emission Spectrometer. 
The analysis of soil OC was done in the Department of Soil Science, University of 
Saskatchewan, SK. The HCl acid pretreatment was performed to remove the inorganic C (Harris 
et al., 2001). For this 0.25 g of finely ground soil was placed in a silver boat liner and moistened 
by adding distilled water. The samples were placed in a vacuum desiccator along with beakers 
containing concentrated HCl (12 M) for 24 hr. The samples were then dried in a conventional 
oven for 4 hr at 60°C. The OC in dried samples were analyzed by an automated C632 LECO 
analyzer (Dhillon et al., 2015). 
3.4.9. Statistical analysis 
The significance of difference in measured variables (abundance of PLFA biomarkers, qPCR 
gene copy numbers, and soil chemical properties) between the different transplanted soils and the 
N fertilizer treatments were analyzed by ANOVA using the PROC MIXED procedure in SAS 
9.3 (SAS Institute Inc, NC, USA). The block and the interaction between block and transplanted 
soil type were considered as a random effect and soil type with N fertilizer rate as a fixed effect. 
The statistically significant criterion was a Type III error rate of P = 0.05 with 95% confidence 
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interval. When the interaction effects were significant, the multiple mean comparison method LS 
means (least Square Means) was used. If the main treatment effects were significant, LSD (Least 
square difference) was computed. 
The ordination of PLFA biomarkers as well as DGGE community banding patterns generated 
by binary presence and absence matrix were performed by non-metric multidimensional scaling 
(NMDS) analysis using PCOrd software version 6 (Gleneden Beach, OR 97388, USA). The 
Sorensen distance measure was applied with Autopilot slow and thorough selections. The 
statistical significance of the final solutions was determined by comparing the final stress values 
among the best solution for each axis using the Monte Carlo test. The final stress value implies 
the consistency of the final ordination in relation to the dissimilarities within the dataset. Lower 
(5 to 10) final stress values indicate better ordination of the data. If the stress value is greater 
than 20, misinterpretation of data is possible. Multi-response permutation procedure (MRPP) test 
was conducted to identify group differences among the transplanted soils and N fertilizer levels 
(priori groups). Chance-corrected within-group agreement (A) value becomes one when all the 
samples within the group are identical. A value closer to zero indicates more heterogeneity 
within the samples. PERMANOVA analysis was conducted to observe interaction effects 
between soil origin and N fertilizer rate. 
Correlation analysis between the total microbial biomass, bacterial, fungal and AMF 
abundances with initial soil TN, TC, OC, light fraction C, light fraction N, C: N ratio and 
changes occurring in TN, TC, OC, light fraction C, light fraction N in the last 21 yr were 
computed. Correlation analysis also was performed with 16S rRNA gene, bacterial amoA, 
archaeal amoA, nirS, nirK and nosZ genes abundances to the above-mentioned soil properties. 
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3.5. RESULTS 
This study evaluated the microbial abundance and community composition of transplanted 
Chernozemic soils after >21 yr under identical climatic, topographic and management 
conditions. The selected soils had diverse physical, chemical and biological properties at the time 
of transplanting (1990) which likely arose due to inherent differences in the soil and various land 
use and management practices (Zvomuya et al., 2008). Soil sampling was performed in the fall 
of 2012 (after harvesting). Phospholipid fatty acid analysis was used to estimate microbial 
abundance and evaluate community composition of the transplanted soils. Further, the 
abundance of N cycling genes (bacterial and archaeal amoA, nirS, nirK and nosZ) was assessed 
using a quantitative real-time polymerase chain reaction (qPCR) which expanded the 
investigation towards the potential functioning of the transplanted soils. The community 
structures of ammonia oxidizers and denitrifiers were evaluated using DGGE fingerprinting 
technique. These microbial properties were correlated with the original soil chemical 
characteristics at the time of transplanting (1990) and after >21 yr to observe the influence of soil 
characteristics on soil microbial dynamics. 
3.5.1 Soil chemical properties 21 years after transplantation 
After >21 yr of identical climatic and topographic conditions, soil chemical properties such 
as soil available NO3-, SO42-, PO43-, K+ and OC content differed and were related to soil origin 
(Table 3.7). Only the available NO3- and K+ were significantly affected by N fertilizer 
application. Even after >21 yr of continuous cultivation and crop residue removal, the originally 
high fertility PL and CC soils had greater NO3- and soil OC content than the other soils of 
varying origin. The soil with a history of exceedingly high levels of manure application (HM) 
(90 t ha-1) prior to transplanting was more enriched with available SO42-, PO43-, K+ and OC 
content than RM whereas former sub-surface soils (BH and CH) from B and C horizons had 
lower available nutrients and soil OC content. Nitrogen fertilizer application increased the soil 
available NO3- content for most of the soils except soils from the DW and CH. However, the 
impact of N fertilizer application was more prominent in high fertility CC and PL soils (Fig. 
3.4A). The available K+ content in soils from NG, DW and high fertility CC and PL soils 
increased with N fertilizer application (P<0.001) (Fig. 3.4B). 
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Table 3.7. Soil available NO3-, SO42-, PO43-, K+ and organic C contents >21 yr after transplanting.  
Soil origin† NO3-  SO42- PO43- K+ Organic C 
                                        mg kg-1 soil 
NG 4.9dc‡ 9.8ab 69.8ce 308.2d 24.2bc 
DW 3.9dc 6.2c 58.9de 357.0c 15.6de 
CC 16.6a 11.3a 100.4c 408.3b  51.3a 
PL 14.8a 10.9a 99.0c 203.8e  49.0a 
DTF 3.5dc 5.1c 85.9c 354.8c  13.4de 
ITF 7.0bc 7.7bc 179.5b 408.8b  17.7cd 
RM 3.6dc 4.8c 52.3de 242.5e  13.0de 
HM 10.7bc 11.4a 479.3a 787.3a  23.1b 
BH 2.8d 6.1c 40.6e 123.8f  10.6e 
CH 3.7dc 5.1c 54.4de 233.2e  14.2de 
Soil origin <0.0001 <0.0001 <0.0001 <0.0001 <0.0001 
N rate   0.01   0.96   0.08 <0.0001 0.46 
Soil origin × N rate   0.19   0.26   0.91   0.90 0.82 
†NG- native grassland, DW- dryland wheat, CC- cereal cultivated, PL- pastureland, DTF- dryland tilled fallow, 
ITF- irrigated TF, RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
‡Means with same letters in one column are not significantly different at P<0.0001. 
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Fig. 3.4. Soil available A) NO3- and B) K+ at 0 (N-) and 60 (N+) kg ha-1 N levels. Means with 
same letters are not significantly different at P<0.01. Black to grey colors represent the fertility 
gradient from high to low. NG- native grassland, DW- dryland wheat, CC- cereal cultivated, 
PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated tilled fallow, RM- manured 30 t ha-
1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
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3.5.2. Microbial abundance and community composition 
Even after >21 yr under identical climatic, topographic and management conditions 
abundance of total PLFAs, bacterial, fungal and AMF biomarkers were greatly influenced by 
initial soil characteristics at the time of transplanting. Further, inorganic N fertilizer application 
was not the main driving force of microbial community composition and abundance of the 
transplanted soils. Although the absolute abundance of fungal biomarker was significantly 
affected by the initial soil characteristics (i.e., soil origin, previous management practices) 
relative abundance was not (Table 3.8). However, the fungal: bacterial ratios of the transplanted 
soils were not influenced by soil origin (P>0.19) or long-term N fertilizer (P>0.14) application 
indicating the proportional distribution of fungi and bacteria in the transplanted soils. Stress 1 
(cy17:0 / 16:1ω7c) and stress 2 (cy19:0 / 18:1ω7c) biomarkers were also influenced by initial 
soil characteristics (Table 3.8). 
Table 3.8. Analysis of variance (ANOVA) for total PLFAs, bacteria, fungi, AMF 
abundances and fungal: bacteria ratio, stress 1 and stress 2 biomarkers >21 yr after 
transplanting 
Variables Unit Soil origin 
  
N rate 
 P value 
Soil origin × N rate 
  
Total PLFAs nmol g-1 soil 0.0002 0.60 0.49 
 Bacteria nmol g-1 soil 0.0001 0.55 0.29 
mol% 0.04 0.96 0.40 
 Fungi nmol g-1 soil 0.049 0.17 0.08 
mol% 0.83 0.07 0.87 
 AMF nmol g-1 soil 0.006 0.47 0.81 
mol% 0.0001 0.09 0.94 
Fungi: Bacteria   0.19 0.14 0.47 
Stress 1   0.0006 0.09 0.40 
Stress 2   0.0001 0.57 0.10 
 
Total PLFA was greater in the high (CC and PL) and medium (ITF and RM) fertility soils 
and reduced in low fertility sub-surface soils (BH and CH), as well as DTF and HM (Fig. 3.5). 
The effect of initial soil characteristics on bacterial PLFA followed a pattern similar to that of 
total PLFAs. Gram positive (G+) (P<0.01) and Gram negative (G-) (P<0.001) bacterial 
biomarkers were significantly different among soil types and followed a similar trend to that of 
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total PLFA (Fig. 3.6). Except for G+ abundance in NG soil, total bacterial and G+ abundances 
were high and comparable to the CC soil (Fig. 3.6). The RM soil was enriched with fungal 
biomarkers while other transplanted soils including low fertility soils (DTF, BH, and CH) had 
low fungal abundance of similar levels (Fig. 3.7A). 
 
Fig. 3.5. Total PLFA of the transplanted soils 21 yr after transplanting. Means with same 
letters are not significantly different at P<0.001. Black to grey colors represent the fertility 
gradient from high to low. NG- native grassland, DW- dryland wheat, CC- cereal cultivated, 
PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated tilled fallow, RM- manured 30 t ha-
1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon.  
 
The AMF abundance was higher in CC, ITF and RM soils than the other soils (Fig. 3.7B). In 
contrast, the high fertility PL soil had lower AMF abundance despite being consistently higher in 
total microbial and bacterial abundance, compared to other high fertility CC soil. Like the total 
and bacterial PLFA abundance, the AMF abundance was lower in sub-surface soils (BH and 
CH). The stress 1 biomarker was significantly higher in PL soil compared to other soils while the 
NG soil had lower stress 1 biomarker (Fig. 3.8). Among high fertility soils with the exception of 
the HM soil, the stress 2 biomarkers were highest for CC and PL soils (Fig. 3.8). 
50 
 
 
Fig. 3.6. The abundance of A) gram negative (G-), B) gram positive (G+) and C) total bacterial PLFA biomarkers >21 yr after 
transplanting. Means with same letters are not significantly different at P<0.01. Black to grey colors represent the fertility gradient 
from high to low. NG- native grassland, DW- dryland wheat, CC- cereal cultivated, PL- pastureland, DTF- dryland tilled fallow, 
ITF- irrigated tilled fallow, RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
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Fig. 3.7. The abundance of A) fungal and B) Arbuscular mycorrhizal fungal (AMF) (16:1ω5c) 
biomarkers >21 yr after transplanting. Means with same letters are not significantly different at 
P<0.05. Black to grey colors represent the fertility gradient from high to low. NG- native 
grassland, DW- dryland wheat, CC- cereal cultivated, PL- pastureland, DTF- dryland tilled 
fallow, ITF- irrigated tilled fallow, RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B 
horizon, CH- C horizon. 
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Fig.3.8. Stress 1 (cy17:0 / 16:1ω7c) and stress 2 (cy19:0 / 18:1ω7c) PLFA biomarkers >21 yr 
after transplanting. Means with same letters are not significantly different at P<0.001. Black to 
grey colors represent the fertility gradient from high to low. NG- native grassland, DW- 
dryland wheat, CC- cereal cultivated, PL- pastureland, DTF- dryland tilled fallow, ITF- 
irrigated tilled fallow, RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C 
horizon. 
 
Non-metric multidimensional scaling (NMDS) and MRPP analysis of PLFA profiling (mol 
%) indicated heterogeneity among microbial communities of transplanted soils (Fig. 3.9). 
However, N fertilizer application did not have a significant effect on microbial community 
structure. Microbial community profiles of diverse transplanted soils were mainly differentiated 
along axis 1, which explained 76% of the variability in the NMDS solution. The CC, PL and low 
rate of manure applied (30 t ha-1) soils which had higher total microbial bacterial biomarker 
abundance clearly separated from microbial communities of remaining transplanted soils. Soils 
with high abundance of total PLFAs and bacterial biomarkers were also positively correlated 
with soil OC content. 
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Fig. 3.9. Non-metric multidimensional scaling (NMDS) and multi-response permutation procedure (MRPP) analysis of soil origin 
and N fertilizer application effects on microbial community structure (mol% PLFA) >21 yr after transplantation. Final stress 
13.46%. NG- native grassland, DW- dryland wheat, CC- cereal cultivated, PL- pastureland, DTF- dryland tilled fallow, ITF- 
irrigated tilled fallow, RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
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3.5.3. Abundance of genes involved in nitrification and denitrification 
The abundance of 16S rRNA gene and bacterial amoA gene copy numbers were significantly 
influenced by soil origin, even after 21 yr of transplanting (Table 3.9). Higher 16S rRNA gene 
abundance was observed in the high fertility CC soil. The PL and NG soils transplanted from 
uncultivated ecosystems also had higher 16S rRNA gene abundance compared to other soils. The 
soil with a history of excessive manure application (90 t ha-1) contained lesser 16S rRNA gene 
copies compared to other soils (Fig. 3.10).  
 Table 3.9. Analysis of variance for 16S rRNA, bacterial (AOB) and archaeal (AOA) 
amoA, nirS, nirK and nosZ genes copy numbers >21 yr after transplanting. 
Variables Units Soil origin N rate Soil origin × N rate 
   P value  
16S rRNA copies g-1 soil   0.0001   0.76   0.76 
AOB 
  
copies g-1
 
soil   0.0003 <0.0001   0.65 
AOB: 16S rRNA†   0.26    0.21   0.36 
AOA 
  
copies g-1
 
soil <0.0001    0.01 <0.0001 
AOA: 16S rRNA <0.0001    0.01 <0.0001 
nirS 
  
copies g-1
 
soil <0.0001    0.01   0.0014 
nirS: 16S rRNA <0.0001    0.82   0.98 
nirK 
  
copies g-1
 
soil   0.05    0.17   0.08 
nirK: 16S rRNA   0.22    0.59   0.13 
nosZ 
  
copies g-1
 
soil <0.0001    0.16   0.34 
nosZ: 16S rRNA <0.0001    0.75   0.06 
† %ratio of functional gene abundance (AOB, AOA, nirS, nirK or nosZ) to 16S rRNA gene   
abundance. 
 
Both soil origin and N fertilizer application significantly affected the abundance of bacterial 
amoA gene (Table 3.9). The bacterial amoA gene was most abundant in the BH and HM (90 t ha-
1) soils compared to other soils. Nitrogen fertilizer application had varying effects on bacterial 
amoA abundance in transplanted soils. Statistical data analysis of the impact of N fertilizer for 
individual soils confirmed that there was a significant increase in bacterial amoA genes in NG, 
DTF, ITF, RM (30 t ha-1) and CH soils with N application (Table A.1). However, bacterial amoA 
gene abundance was not affected by N fertilization in high fertility CC and PL soils (Fig. 3.11A). 
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Except for sub-surface (BH and CH) and HM (90 t ha-1) the rest of the soils had higher AOA 
abundance compared to AOB. 
 
Fig. 3.10. The abundance of 16S rRNA gene >21 yr after transplanting. Means with same 
letters are not significantly different at P<0.0001. Black to grey colors represent the fertility 
gradient from high to low. NG- native grassland, DW- dryland wheat, CC- cereal cultivated, 
PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated tilled fallow, RM- manured 30 t ha-
1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
 
There was a significant interaction effect of soil origin and long-term N fertilizer on the 
abundance of archaeal amoA and nirS genes (Table 3.9). However, the impact of N fertilizer 
application was only observed for AOA and nirS in DTF and PL soils, respectively. Among the 
soils, the AOA gene was predominantly higher in the unfertilized DTF soil (Figure 3.11B); 
however, this difference was negated by N fertilizer application. NirS gene abundance in PL soil 
increased with N application (Fig. 3.12A). Higher nirS abundance was observed in sub-surface 
(BH and CH) and RM soils whereas higher fertility soils (CC and PL) had significantly lower 
nirS abundance. The abundance of nirK and nosZ genes were mainly governed by the soil origin; 
N fertilizer application did not influence gene abundance (Table 3.9). An opposite trend to nirS 
was observed for nirK abundance which was higher in high fertility (CC and PL) and ITF soils. 
The RM soil had the lowest nirK gene copy number among the transplanted soils (Fig. 3.12B). 
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The ITF, RM and CH soils had more abundant nosZ genes while high fertility soils (CC and PL) 
showed comparatively low nosZ gene abundance (Fig. 3.13). 
 
Fig. 3.11. The abundance of A) bacterial amoA and B) archaeal amoA genes >21 yr after 
transplanting. Means with same letters are not significantly different at P<0.001. Black to grey 
colors represent the fertility gradient from high to low. NG- native grassland, DW- dryland 
wheat, CC- cereal cultivated, PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated tilled 
fallow, RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
57 
 
 
Fig. 3.12. The abundance of A) nirS and B) nirK genes >21 yr after transplanting. Means with 
same letters are not significantly different at P<0.05. Black to grey colors represent the fertility 
gradient from high to low. NG- native grassland, DW- dryland wheat, CC- cereal cultivated, 
PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated tilled fallow, RM- manured 30 t ha-
1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
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Fig. 3.13. The abundance of nosZ gene >21 yr after transplanting. Means with same letters are 
not significantly different at P<0.001. Black to grey colors represent the fertility gradient from 
high to low. NG- native grassland, DW- dryland wheat, CC- cereal cultivated, PL- pastureland, 
DTF- dryland tilled fallow, ITF- irrigated tilled fallow, RM- manured 30 t ha-1, HM- manured 
90 t ha-1, BH- B horizon, CH- C horizon. 
3.5.4. Ammonia oxidizer and denitrifier community structures of the transplanted soils 
Ordination and MRPP analysis for DGGE finger prints of the AOB community indicated that 
there was a significant impact of soil origin and N fertilizer application on AOB communities of 
the transplanted soils (Fig. 3.14). However, soil origin had a greater influence on AOB 
community structure along axis 1 compared to N fertilizer application which affected the soil in 
a way that made these AOB communities of high fertility soils (CC and PL) similar. Bacterial 
amoA community structures of high fertility soils (CC and PL) were positively correlated with 
soil OC content, available NO3- and SO42-. Further, the AOB community of N unfertilized DTF 
soil had a positive correlation with available K+ content. Ammonia oxidizing archaeal 
community fingerprints yielded a three-dimensional solution which accounted for 95.5% 
variability, with a final stress of 5.58 (Fig. 3.15). There was a clear separation of AOA profiles as 
a function of soil type (A= 0.525) along axis 1 while N fertilizer application did not have a 
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significant influence on AOA communities of the transplanted soils. This was supported by 
PERMANOVA which indicated a significant effect of soil type (P<0.001) but not N fertilizer 
(P<0.26) on AOA community structure. Visual assessment of the MDS ordination indicated 
some separation of N fertilized and unfertilized AOA communities in the DTF soil. 
Non-metric multidimensional scaling analysis of nirK community structure revealed a 
significant influence of soil origin on nirK communities of the transplanted soils (Fig 3.16). Axis 
1 explained 64% of the variability on nirK community profiles while axis 2 described another 
29% of the variability. However, PERMANOVA analysis indicated a significant interaction 
effect of soil origin and N fertilizer (P<0.01) on nirK communities. Long-term N application 
gave rise to some separation of nirK community profiles in CC, PL and DTF soils compared to 
soils that did not receive N fertilizer. The impact of N fertilizer on nirK communities was 
opposite for CC soil compared to other soils. However, N fertilization did not have a significant 
effect on the nirK community of RM.  
 
Fig. 3.14. Non-metric multidimensional scaling (NMDS) for DGGE banding patterns of 
bacterial ammonia oxidizer communities >21 yr after transplanting. Final stress of 8.3. CC- 
cereal cultivated, PL- pastureland, DTF- dryland tilled fallow, RM- manured 30 t ha-1.
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Fig. 3.15. Non-metric multidimensional scaling (NMDS) for DGGE banding patterns of 
archaeal ammonia oxidizer communities >21 yr after transplanting A) axis 1 and 2, B) axis 1 
and 3, C) axis 2 and 3. Final stress of 5.58. CC- cereal cultivated, PL- pastureland, DTF- 
dryland tilled fallow, RM- manured 30 t ha-1. 
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Fig. 3.16. Non-metric multidimensional scaling (NMDS) for DGGE banding patterns of nirK 
gene community structure >21 yr after transplanting. Final stress of 5.6. CC- cereal cultivated, 
PL- pastureland, DTF- dryland tilled fallow, RM- manured 30 t ha-1. 
 
Soil origin, but not N fertilizer affected nirS community composition (Fig. 3.17). The 
analysis suggested a two-dimensional solution with a final stress of 8.58. There was a clear 
separation in nirS communities of different transplanted soils along axis 1 which explained 82% 
of the variability. The PERMANOVA analysis indicated a significant interaction effect of soil 
type and N fertilizer application on nirS community profiles. Further, visual assessment of the 
ordination indicated N fertilizer application resulted in distinct nirS communities for the high 
fertility CC and the PL soils. Dendrogram analysis for AOB, AOA, nirS and nirK can be found 
in Fig.A1. Denaturing gradient gel electrophoresis fingerprinting of nosZ genes yielded a low 
diversity with a similar banding pattern for all of the transplanted soils in both unfertilized and 
fertilized treatments (Fig. A2). 
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Fig. 3.17. Non-metric multidimensional scaling (NMDS) for DGGE banding patterns of nirS 
gene community structure >21 yr after transplanting. Final stress of 8.6. CC- cereal cultivated, 
PL- pastureland, DTF- dryland tilled fallow, RM- manured 30 t ha-1. 
 
3.5.5. Changes in soil C and N pools 21 years after transplantation 
High fertility PL and CC soils had greater TC, TN, and OC at the time of transplanting 
(1990) and 21 yr later (2011). The manured (RM and HM) and NG soils had substantial amounts 
of TC, TN, and OC compared to other soils in 1990 and 2011. Low fertility DTF and BH soils 
had similar levels of TC, TN, and OC in both 1990 and 2011. The higher TC and lower OC 
contents in CH soil indicated that majority of the C pool was occupied by inorganic C from the 
parent materials in 1990 (Table 3.10).  
For most of the soils, reductions in soil C and N pools were observed due to continuous 
cultivation with crop residue removal following transplantation (Table 3.11). The extent of the 
OC decrease was higher in CC and PL soils; however, N fertilizer application did not make any 
difference in soil N levels. The TN content of the sub-surface soils (BH and CH) that received N 
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fertilizer increased by three to four percent, respectively. All the low fertility soils (i.e., DTF, 
BH, and CH) that received N fertilizer had higher TC contents compared to the original soils 
from 1990. This was particularly evident in BH (9.6%) and DTF (5.6%) soils. The OC increased 
by nearly 8% in the BH and CH soils that received fertilizer N. 
 
Table 3.10. The soil total N, total C, organic C contents in 1990 and 2011 (21 yr) after 
transplantation 
Properties1† TN (g kg-1 soil) TC (g kg-1 soil) OC (g kg-1 soil) 
Soil origin‡ 1990 2011 
N- 
2011 
N+ 
1990 2011 
N- 
2011 
N+ 
1990 2011 
N- 
2011 
N+ 
NG 2.7 2.1 2.2 29.2 23.3 23.9 28.8 22.0 22.8 
DW 1.8 1.6 1.7 18.6 16.3 16.9 17.9 15.4 16.2 
CC 5.4 4.3 4.4 60.1 46.4 47.6 59.8 46.1 47.4 
PL 6.4 4.6 4.5 74.8 51.8 52.4 74.7 51.7 51.6 
DTF 1.4 1.2 1.3 13.4 12.9 14.1 12.7 12.0 13.1 
ITF 1.7 1.5 1.6 20.3 18.8 19.9 15.2 13.7 14.9 
RM 2.3 1.9 2.0 30.9 27.3 27.7 20.9 17.6 18.5 
HM 4.2 2.8 2.9 41.4 29.6 30.6 38.0 26.3 27.3 
BH 1.4 1.3 1.4 13.3 13.9 14.6 12.3 12.2 13.4 
CH 1.1 1.1 1.1  34.0   33.1   34.2  9.7  10.1  10.5 
           †TN- total N, TC-total C, OC- soil organic C 
‡
NG- native grassland, DW- dryland wheat, CC- cereal cultivated, PL- pastureland, DTF-         
dryland tilled fallow, ITF- irrigated TF, RM- manured 30 t ha-1, HM- manured 90 t ha-1, 
BH- B horizon, CH- C horizon. 
 
 
 
 
 
 
 
                                                          
1 Data obtained from Soil Biochemistry research group, AAFC, Lethbridge (Appendix D). 
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Table 3.11. The changes in soil total N, total C and organic C 21 yr after 
transplantation. 
Changes in 
properties2
† 
Δ TN% Δ TC% Δ OC% 
Soil origin
‡ N- N+ N- N+ N- N+ 
NG -21.2 -18.0 -20.2 -18.2 -23.7 -20.7 
DW -13.5 -8.3 -12.5 -9.2 -13.9 -9.4 
CC -20.9 -19.2 -22.9 -20.8 -22.9 -20.8 
PL -28.1 -28.5 -30.7 -30.0 -30.8 -30.9 
DTF -11.9 -4.3 -3.4 +5.6 -5.3 +3.8 
ITF -12.2 -4.6 -7.1 -1.9 -10.0 -2.1 
RM -17.2 -14.5 -11.6 -10.2 -15.5 -11.3 
HM -32.1 -30.8 -28.4 -26.1 -30.8 -28.1 
BH -4.1 +3.3 +4.1 +9.6 -1.2 +8.4 
CH +3.0 +4.4 -2.7 +0.6 +3.4 +7.9 
† % changes in total N (TN), total C (TC), soil organic C (OC) 
‡
NG- native grassland, DW- dryland wheat, CC- cereal cultivated, PL- pastureland, DTF 
dryland tilled fallow, ITF- irrigated TF, RM- manured 30 t ha-1, HM- manured 90 t ha-1, 
BH- B horizon, CH- C horizon. 
 
 
 
 
 
 
                                                          
2 Data obtained from Soil Biochemistry research group, AAFC, Lethbridge (Appendix D). 
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3.5.6. Relationships of current microbial abundance and composition with original soil 
properties 
      Most of the current microbial analysis of transplanted soils revealed significant relationships 
with soil origin, implying an influence of soil conditions at the time of transplanting that was 
retained for many years. Spearman's rank correlation was computed to identify initial soil 
determinants which had a persistent influence on microbial community compositions of the 
transplanted soils. Further, changes that occurred in soil chemical composition from 1990 to 
2011 were also used to predict the relationships with microbial composition observed in 2012. 
     Total N, TC, OC and the C: N ratio of the original soils (1990) were positively correlated with 
total microbial biomass and bacterial abundance and negatively correlated with the fungal: 
bacteria ratio (Table 3.12). Total C content at transplanting (1990) was positively correlated with 
stress 1, and both TN and TC were positively correlated with stress 2 21 yr after transplantation 
(Table 3.12). 
      Changes in soil characteristics that have occurred since soils were transplanted revealed that 
TN, TC, and OC were negatively correlated with total PLFA and bacterial biomarkers (Table 
3.13). This observation indicates that total PLFA and bacterial biomarker abundance were 
mainly determined by initial soil TN and TC contents rather than the changes that occurred over 
21 yr of cultivation. Further, the fungal biomarker was negatively correlated with the changes 
that arose in soil TC and OC content.  
      Total N, C, OC and the C: N ratio of the original transplanted soils were positively correlated 
with 16S rRNA gene abundance while AOA abundance was positively correlated with soil TN 
and OC content (Table 3.14). The abundance of nirS gene was negatively correlated with initial 
TN and OC content where as nirK gene abundance was largely controlled by initial TN, TC and 
OC content of the transplanted soils. The abundance of the nosZ gene was positively correlated 
with the C: N ratio. However, total 16S rRNA gene and N cycling genes did not have strong 
relationships with the changes that occurred in these general measures of soil fertility in the 
transplanted soils in the time since transplanting (Table 3.15). 
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Table 3.12. Spearman's correlation coefficient between total PLFA, bacterial, 
fungal, AMF biomarkers, fungal: bacteria ratio, stress 1 and stress 2 and initial 
soil total N and C, organic C and C: N ratio at 1990. 
  TN†  TC OC C: N ratio 
Total PLFAs   0.46***  0.33**  0.46***  0.38* 
Bacterial   0.47***  0.33**  0.47***  0.38* 
Fungal   0.12 -0.08  0.12  0.08 
AMF  0.27  0.10  0.23  0.25 
Fungal: Bacteria  -0.42* -0.41** -0.43** -0.32* 
Stress 1  0.19  0.44**  0.19 0.17 
Stress 2  0.38*  0.47**  0.39* 0.21 
  †Total N (TN), total C (TC), soil organic C (OC) 
  Significant values represent P-value *, P<0.05; **, P<0.001; ***, P<0.0001  
 
 
Table 3.13. Spearman's correlation coefficient between total PLFA, bacterial, fungal, 
AMF biomarkers, fungal: bacteria ratio, stress 1 and stress 2 and changes occurred in 
total N and C, organic C and C: N ratio during last 21 yr compared to the original 
soil.  
  Δ TN† Δ TC Δ OC Δ C: N ratio 
Total PLFAs -0.28*  -0.31*  -0.32* -0.10 
Bacterial  -0.29 * -0.33*  -0.33* -0.12 
Fungal  -0.25 -0.29*   -0.29 * -0.12 
AMF  -0.13 -0.20 -0.19 -0.26* 
Fungal: Bacteria   0.07  0.08  0.09 0.01 
Stress 1  0.02  0.05  0.03 0.21 
Stress 2 -0.16 -0.09 -0.14 0.19 
        †% changes in total N (TN), total C (TC), soil organic C (OC) 
       Significant values represent P-value *, P<0.05; **, P<0.001; ***, P<0.0001
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Table 3.14. Spearman's correlation coefficient between 16S rRNA, amoA, nirS, 
nirK and nosZ gene abundance and initial soil total N and C, organic C and C: N 
ratio at 1990. 
  TN† TC OC C: N ratio 
16S rRNA    0.32*              0.41*              0.31*              0.14*             
AOB  -0.10             -0.01             -0.10              -0.22 
AOA   0.38*            0.21              0.39*              0.08  
nirS  -0.63***             -0.21             -0.63***              0.25 
nirK   0.33*              0.27*              0.34*              0.12 
nosZ  -0.46             -0.11             -0.46              0.40** 
  †Total N (TN), total C (TC), soil organic C (OC) 
 Significant values represent P-value *, P<0.05; **, P<0.001; ***, P<0.0001 
 
 
 
Table 3.15. Spearman's correlation coefficient between 16S rRNA, amoA, nirS, 
nirK and nosZ gene abundance and changes occurred in total N and C, organic C 
and C: N ratio during last 21 yr compared to the original soil.  
  Δ TN† Δ TC Δ OC Δ C: N ratio 
16S rRNA  -0.05     0.02     -0.01       0.18 
AOB 0.04       0.06      0.11      0.10 
AOA -0.11     -0.04      -0.12       0.13  
nirS 0.24       0.20       0.25      -0.04 
nirK  0.05      0.10       0.02       0.14 
nosZ 0.18      0.10       0.15       -0.18  
        †% changes in total N (TN), total C (TC), soil organic C (OC) 
       Significant values represent P-value *, P<0.05; **, P<0.001; ***, P<0.0001 
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3.6. DISCUSSION 
Microbial diversity and abundance differed from one soil to another (Figs. 3.5 to 3.7 and Fig. 
3.9). These differences were related to various biotic and abiotic factors. Major contributors of 
microbial diversity and abundance in arable soil are not fully understood. It was hypothesized 
that identical climatic, topographic and management conditions for >21 yr might result in a 
convergence of microbial properties of different transplanted soils over time. However, the 
current study revealed a significant lasting impact of soil origin and land use legacy on the soil 
microbial abundance and community composition. Similar to the current study, in a short term (1 
yr) reciprocal transplanted study conducted in non vegetated glacier fore fields, no changes in 
relative abundance and dominant species present between transplanted and their original soils 
were observed (Lazzaro et al., 2011). In a similar transplanted soil study conducted in aspen and 
spruce forest floors, it was concluded that forest floor origin has a dominant effect on microbial 
community composition (Hannam et al., 2007). In contrast to the current study, Sun et al. (2014) 
reported that bacterial communities of 20 yr old transplanted soils converged over time and were 
ultimately similar to those of the new geographic location. However, 4.5 yr post transplantation, 
microbial communities of these transplanted soils grouped by the soil origin (Sun et al., 2013). 
The transplanted soils used in this study were managed under identical climatic, and 
topographic conditions using equivalent management practices, yet differences in microbial 
abundance and community composition persisted for as long as >21 yr after transplanting (Table 
3.8). The climate, topography and management practices may have influenced microbial 
community composition over past 21 yr; however, diverse abundance and community structures 
between the transplanted soils indicated there were other dominant factors shaping microbial 
communities of the studied soils. The transplanted soils had different fertility levels, as indicated 
by the chemical properties (Table 3.7). Soil chemical properties are known to influence 
microbial community composition (Girvan et al., 2003; Jangid et al., 2011; Hu et al., 2014). For 
example, Girvan et al. (2003) concluded that soil chemistry and structure were the primary 
factors determining the total bacterial composition. Others have suggested that soil pH is a key 
major determinant of microbial community composition (Fierer and Jackson, 2006; Lauber et al., 
2009; Rousk et al., 2010); however, in the current study, the impact of soil pH did not differ 
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between the soils. A greater variation was found for the impact of soil OC and available nutrient 
contents (NO3-, SO42-, PO43- and K+) of transplanted soils on microbial communities. Nitrogen 
fertilizer application enhanced NO3- level for most of the soils except for DW and CH soils. Sub-
surface soil from the C horizon (CH) had higher OC content at 2011 compared to 1990 and 
nitrogen fertilized soils retained more OC than N unfertilized soils. Building OC requires added 
fertilizer N, particularly in low fertility soils, resulting lower NO3- level in the fertilized soil. The 
current research revealed that high fertility (CC and PL) and RM soils had greater microbial 
biomass and bacterial abundance than low fertility soils (DTF, BH, and CH), reflecting the effect 
of soil fertility level on total and bacterial abundances (Figs. 3.5 and 3.6). The total microbial, 
bacterial biomass and 16S rRNA gene abundances were positively correlated with TN, TC and 
soil OC content, suggesting the importance of resource availability in determining the microbial 
abundance and community composition of the studied soils (Tables 3.12 and 3.14). There are 
studies that reported influence of soil fertility on abundance and spatial distribution of 
microorganisms (Franklin and Mills, 2009; Koorem et al., 2014). 
Hu et al. (2014) argued that soil OC content and available N are the best predictors of total 
and bacterial PLFA abundance in the soil. Several studies have indicated soil C sources as the 
main ecological driver of microbial dynamics (Haichar et al., 2008; Djukic et al., 2010; de Vries 
et al., 2012). The PLFA biomarkers of transplanted soils did not respond to N fertilizer 
application suggesting that C, but not N, is the main factor influencing the observed microbial 
community dynamics (Table 3.8). Crop residue removal for use as a bedding material for 
livestock is a common practice in Western Canada (Campbell et al., 1991; Zvomuya et al., 
2008), and this practice may influence soil microbial communities by altering the soil fertility. 
Soil microorganisms are mostly dominated by heterotrophs that consume soil OC as their energy 
source. In the current study, crop residues were removed from all soils post harvest for >21 yr 
and are considered to be under C limited conditions; consequently, microorganisms may be 
utilizing native soil OC (pre-transplanting), which is consistent with the observation of Hu et al. 
(2014) who found a predominant effect of soil OC on microbial abundance and composition 
under C limited conditions. As the transplanted soils have different origins, it is likely that the 
quality of the native soil OC varied, resulting in different forms of available substrates for 
microorganisms. The apparent response of the soils towards crop residue removal varied 
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depending on the soil fertility status which was determined by the soil origin. For most of the 
tested soils a reduction in soil OC content was observed over time; however, the differences 
between the soil OC levels persisted and followed a similar trend as the original soils (Table 
3.11). Irrespective of N rate, the highest rate of C depletion occurred in high fertility PL and CC 
soils. Specifically, soil OC levels declined by 31% in the PL soil and by 21% in the CC soil 
relative to the original soil OC contents (Table 3.11). In contrast, the low fertility soils (DTF, 
BH, and CH) with long-term N fertilization gained soil OC and TN contents >21 yr after 
transplanting, irrespective of crop residue removal. However, previous studies conducted in the 
Canadian Prairies reported no influence on soil OC and soil organic N of a fallow-wheat-wheat 
cropping system with crop residue removal in Black Chernozems after 50 yr (Campbell et al., 
1991; Lafond et al., 2009). The gain of soil OC in low fertility soils, even with residue removal, 
suggests the OM incorporation in transplanted field was higher than the site of origin. The DTF 
soil was obtained from a pathway to an experiment field which was frequently tilled and 
fallowed, and weeds were the only source of soil OM prior to transplantation. Furthermore, the 
BH and CH soil were obtained from sub-surface soils, which are not the primary storage 
horizons of soil OM. Variable responses of soil OC content confirmed the long-term effect of 
land use legacy on soil OC pool. 
The contribution of root exudates, root biomass and the standing wheat stubble (ca. 20 cm in 
length) are important sources of C that likely influenced the C dynamics of the transplanted soils. 
It is expected that the N fertilizer application would enhance the OM mineralization resulting 
from the increased levels of soil OC from the plant biomass and the root exudates. Nearly 20 to 
30% of photosynthetically assimilated C is transferred to the soil by cereal crops (Kuzyakov and 
Domanski, 2000). Approximately, 26% of root translocated assimilated C is released into the soil 
matrix (Kuzyakov and Domanski, 2000), which represents a considerable amount of C input to 
the soil. In addition to root exudates, the decaying roots also are a significant source of C to the 
soil. A study conducted using Dark Brown and Brown Chernozemic soils estimated that as much 
as 485 and 664 kg C ha-1, respectively, was deposited within 0 to 10 cm of the soil surface in 
continuous wheat cropping systems (Comeau et al., 2013). A long-term study conducted in the 
Canadian Prairie region reported that under normal climatic conditions continuous wheat 
cultivation yielded 2880 kg ha-1 of dry matter per season (Gan et al., 2012). The wheat residue is 
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easily decomposed by microorganisms (Chowdhury et al., 2014) and C from residues become 
available in the soil (Berg, 2000). In the current study, 20 cm of wheat stubble was left standing 
in the transplanted soils following harvest, indicating that as much as 40% of the residue was 
returned to the soil (Boyden et al., 2001) which could contribute substantially to soil nutrient 
cycling.  
The decomposition of OM follows different pathways depending on the properties of the 
OM, the labile C inputs (Qiao et al., 2016) and the microbial community structure (Haichar et al., 
2008). The nature of the labile C inputs received was similar for all of the transplanted soils, that 
is, the cropping sequence was the same in all soils following transplantation. However, the 
quality of the OM received prior to transplanting and variable microbial community structures 
that existed at the beginning of the experiment may give rise to various C dynamic responses in 
the studied soils. The microbial community structure in the low fertility soils (DTF, BH, and CH) 
were distinct from those in high fertility soils (CC and PL) (Fig. 3.9). Furthermore, the microbial 
abundance was also lower in the low fertility soils compared to the high fertility soils. It has been 
argued that the presence of readily available substrates prevents microorganisms from utilizing 
protected soil OM. This mechanism is named as preferential substrate utilization (Cheng, 1999). 
The amount of N fertilizer and C inputs received by low fertility soils may be more than the 
amount required for microbial utilization. As a result, surplus C inputs were stored in the soil 
indicating a negative priming effect. In agreement, Blagodatskaya et al. (2007) reported a zero or 
negative priming effect with a high amount of available C and N in the soil. They found a 
negative priming effect by adding glucose and N (KNO3 (aq)) in an incubation study conducted 
using a Chernozemic soil. The high fertility soils (CC and PL) which had higher microbial 
abundance may require greater C inputs to fulfill the microbial demand for C. A similar 
phenomenon apparently occurred in most of the transplanted soils, with the exception of DTF, 
BH and CH soils. In most cases in soils where OC depletion occurred, depletion during the past 
21 yr was greater in N unfertilized soils than fertilized. The quality of the fresh OM and 
microbial demand for C are two main factors influencing the decomposition of stabilized OM 
present in the soil (Wang et al., 2015). Soil OC changes in N unfertilized treatments indicated a 
greater depletion than fertilized soils. This suggests that under limited low-quality residue 
(mostly the wheat stubble with roots) return conditions, soil microbes must access existing OM 
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to fulfill the nutrient demand. Since N unfertilized soils lacked N inputs, microbes apparently 
mined the soil for nutrients resulting in a reduction in soil OM. 
Exploration of specific functional groups involved in N cycling broaden our understanding of 
nitrifier and denitrifier communities in transplanted soils. Quantitative real time PCR and DGGE 
analysis revealed that abundance and community structure of amoA, nirS, nirK and nosZ genes 
involved in N-cycling varied distinctly between different transplanted soil types (Figs. 3.10 to 
3.13 and Figs. 3.14 to 3.17). Although the influence of long-term N fertilizer application was not 
reflected in the PLFA profiles, microbial communities responsible for N cycling indicated 
different responses towards N fertilization. The N effects were predominantly captured in the N 
cycling community structures rather than in the abundance of different functional targets. In the 
current study, N fertilization occurred at the beginning of the growing season at a rate of 60 kg N 
ha-1. In agricultural systems, the concentration of NH4+ decreases within a few days to weeks 
after incorporation of N fertilizer due to plant uptake and nitrification (Hou et al., 2010; Pelster et 
al., 2011). In the current study, soil sampling was carried out nearly six months after N 
fertilization occurred and it is presumed that added NH4+ had been nitrified into NO3-. Higher 
NO3- in the N fertilized soils relative to the unfertilized soils (Fig. 3.4A) is evidence that long-
term N fertilization has the ability to enhance the N fertility resulting in more available N (Chu et 
al., 2007). However, the current study suggests that the changes captured in microbial abundance 
and community structure of N-cycling genes were due to persistent effects of long-term N 
application.  
The ammonia oxidizer community abundances were positively correlated to initial TN and 
OC content, but did not correlate with changes in TN, TC and OC that occurred since the 
initiation of the experiment (Tables. 3.14 and 3.15). This validates the speculation that soil origin 
has a long-term effect on the abundance of ammonia oxidizing communities. High fertility soils 
(CC and PL) with higher soil OC had greater 16S rRNA gene abundance indicating the presence 
of a larger heterotrophic population. In addition to OM decomposition, heterotrophs also 
compete with ammonia oxidizers for available NH4+ in the soil (Schnürer et al., 1985; Shi and 
Norton, 2000; Burger and Jackson, 2003; Shen et al., 2013). The nitrifiers are poor competitors 
for N acquisition relative to heterotrophs (Verhagen et al., 1995) which might be the reason for 
lower AOB abundance in OM rich soils. Similar to these findings others have also found an 
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increase in AOB populations with N fertilizer application (Shen et al., 2008; Levičnik-Höfferle 
et al., 2012; Szukics et al., 2012) and AOA correspondingly either did not respond to, or reduced 
their abundance in response to long-term N application (Hai et al., 2009).  
With the exception of sub-surface (BH and CH) and HM soils, the bacteria amoA gene copy 
numbers ranged from log10 6.25 to 7 gene copies per g of dry soil, which are similar to values 
reported in other studies (Hermansson and Lindgren, 2001; He et al., 2007). The AOA 
abundance ranged between log10 7.25 to 10 gene copies per g of dry soil. Most of the studies 
conducted in agricultural soil found AOA gene copy numbers ranged between log10 7 to 8 which 
was narrower than the present observations (Kelly et al., 2011; Sterngren et al., 2015). Long-
term strong responses towards N fertilizer application were indicated by increased the bacterial 
amoA gene abundance in soils receiving NH4NO3 and lower abundance in plots that did not 
receive NH4NO3 (Fig. 3.11A). These phenomena are consistent with those observed by Hai et al. 
(2009) in long-term urea fertilizer application study. In agreement with He et al. (2007), Shen et 
al. (2008) and Hai et al. (2009), reported that in most of the soils they studied there was higher 
AOA abundance than AOB. The AOB is favored in resource rich conditions (Webster et al., 
2005) while AOA prefers low fertility or oligotrophic environments (Valentine, 2007; Prosser 
and Nicol, 2012). It has been found that AOA is functionally dominant in soils with continuous 
release of low rates of NH4+ through mineralization (Offre et al., 2009; Levičnik-Höfferle et al., 
2012). The transplanted soils were limited with OM inputs resulting in lower amounts of NH4+. 
These conditions are preferable for AOA which are more adapted to lower energy environments 
than bacteria (Valentine, 2007). The presence of a higher AOA than the AOB abundance does 
not necessarily indicate the functional dominance of the AOA in agricultural soils (Jia and 
Conrad, 2009). However, Sterngren et al. (2015) found a larger contribution of AOA over AOB 
to soil nitrification at neutral soil pH which might be true for transplanted soils that had neutral 
pH conditions. A typical AOB cell carries two to three copies of amoA genes (Okano et al., 
2004) and AOA has only one copy (Sterngren et al., 2015). When considering the number of 
genes per cell, the AOB community abundance is even less than the AOA in the studied soils. In 
sub-surface (BH and CH) and HM soils, AOB abundance was greater than the AOA abundance. 
However, N fertilizer application increased AOB abundance without changing the AOA 
abundance. It has been shown that AOA is less responsive towards environmental changes than 
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the AOB (Santoro et al., 2008). Distinct AOB and AOA community structures resulted for each 
of the four transplanted soils emphasizing the long-term impact of soil origin on ammonia 
oxidizer communities (Figs. 3.14 and 3.15). In the tested soils, significant changes occurred in 
AOB community structures in response to N fertilization. These changes may indicate that a part 
of the AOB population plays a dominant role in NH3 oxidation in N fertilized systems. Similar to 
the current study, a 17 yr long-term N fertilized experiment has also revealed a shift of AOB 
community structure without any changes in AOA community (Shen et al., 2008). Specifically, 
in a long-term experiment conducted with different organic and inorganic fertilizer combinations 
in China, Chu et al. (2007) reported a shift in the AOB community structure with 16 yr of N 
fertilizer application, with more diversified AOB communities in inorganic N treatments than 
organic N treatments. The current study is in agreement with previous studies, suggesting that 
shifting of AOB community with long-term N fertilizer application. It has been shown that the 
AOA community is more stable than the AOB community in response to environmental changes 
(Jin et al., 2010). In high fertility CC and PL soils, the AOB community structures became 
similar to each other with long-term N application. Under resource rich conditions, there may be 
similar highly adapted AOB groups that respond to the N fertilizer application in high fertility 
soils.   
Soil properties and land use are important factors affecting the diversity of denitrifier 
communities (Miller et al., 2008; Hallin et al., 2009). The abundance of key denitrifier functional 
groups and community composition of the studied soils were mainly dependent on the soil 
origin, but not on N addition. Sun et al. (2015) observed a larger contribution of the amoA gene 
under long-term N fertilizer (34 yr) management than denitrifiers (nirS, nirK and nosZ). In the 
current study, only the nirS population size increased in high fertility PL soil in response to N 
amendment among the studied denitrifier communities (i.e., nirS, nirK and nosZ) (Figs.3.12A, 
3.12B and 3.13). The nirS denitrifier population is more sensitive to inorganic N fertilizer 
application than the nirK (Yin et al., 2014). The soil type has a significant impact on nosZ gene 
abundance (Gao et al., 2016) which is in agreement with the transplanted soils. The changes that 
occurred in nirS gene abundance in the PL soil is more likely due to the effect of land use 
changes and N fertilizer application on previously uncultivated soils. The denitrifier community 
abundances in the remaining soils may not be as sensitive to the 60 kg of N ha-1 rate. Further, in a 
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study conducted in canola fields in the Canadian prairies, Yang et al. (2015) observed significant 
increases of nirS and nirK genes in Brown, Dark Brown and Black Chernozems with N fertilizer 
application (60 and 120 kg N ha-1) without any changes in nosZ abundance. This is similar to the 
current observations of nosZ abundance in which no influence of N fertilization was observed. In 
agreement to our findings, a reduction in nosZ gene abundance in OC and TN rich soils was 
observed in an incubation study conducted in 160 yr old long-term Broadbalk Wheat Experiment 
which was established to examine the long-term effect of fertilizer and manure application 
(Clark et al., 2012).  
The correlation analysis of nosZ gene abundance with TN and OC did not indicate any 
relationships to initial TN and OC and their changes during the past 21 yr (Tables 3.14 and 3.15). 
In agreement with Girvan et al. (2003) distinct community profiles for nirS and nirK were 
observed in soils that did not receive N fertilizer (Figs. 3.16 and 3.17). Further, N fertilization 
may activate part of the nirS and nirK populations resulting in more diverse community profiles 
than the N unfertilized soils. NirS community structures of RM and low fertility DTF N fertilized 
and unfertilized soils were clustered together, indicating lesser sensitivity towards long-term N 
fertilization than soils with initially higher fertility (CC and PL). A similar trend in the nirK 
community composition also was found in DTF soils. In agreement with the above findings, it 
has been reported that the soil resource, and specifically soil fertility, has a significant impact on 
the denitrifier community structure (Bru et al., 2011). The community nirK and nirS 
compositions of the high fertility soils (PL and CC) indicated the influence of soil nutrient 
profiles (OC, NO3-, SO42- and PO43-). The nirS and nirK denitrifier communities of the high 
fertility soils (CC and PL) were closely arranged in the ordination confirming resource 
availability has somewhat of an influence on shaping the denitrifier community structure. 
Denaturing gradient gel electrophoresis analysis for nosZ genes yielded a similar band for all the 
transplanted soils, including the different N levels (Fig.A.2). Regardless of soil origin and N 
fertilizer application resulted in a single DGGE banding pattern indicating a simple nosZ gene 
carrying community in the studied soils. This also implied dominancy of a particular denitrifier 
group in the transplanted soils regardless of N fertilizer application. The sequence obtained for 
PCR amplified DGGE bands were not acceptable as two or more dissimilar sequences resulted 
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for each band. Similar phenomena were observed by Ma et al. (2008) for DGGE analysis of 
nitrifier and denitrifier communities in two different landscape types.  
The linkage between microbial abundance and composition with respect to the soil origin 
was studied by providing identical climatic, topographic and management practices for >21 yr to 
a set of soils with diverse physical, chemical, and biological properties. The results of the current 
transplanted soil study revealed that soil properties related to soil origin was a major determinant 
of microbial properties >21 yr after transplanting. There have been many soil transplant 
experiments completed worldwide to more fully understand the effects of global changes and 
geographic location on both plant and soil microbial ecosystems (Balser and Firestone, 2005; 
Lazzaro et al., 2011; Vanhala et al., 2011; Sun et al., 2014; Zhao et al., 2014). Many have 
reported that changes in microbial community composition and their functions occurred when 
soil was transplanted (Vanhala et al., 2011; Sun et al., 2013; Zhao et al., 2014). Sun et al. (2014) 
reported a strong effect of geographic location (after transplantation) on bacterial communities 
after soil transplantation. Microbial community structure of the soil transplanted into warmer 
regions than their origin changed towards the community structure of the new geographic 
location (south) 2 yr after transplantation (Vanhala et al., 2011). Most of the aforementioned 
studies transplanted soils into sites located more than 1000 km from the original site. This 
distance created drastic climatic changes which had a significant influence on soil microbial 
communities. In the current study, the transplanted soils were obtained from sites within 100 km 
radius to the experimental field and did not experience substantial climate changes. Additionally, 
the soil origin and land use history may have altered or hindered the influence of climate and 
management conditions (after transplantation) on microbial communities of the transplanted soils 
resulting in diverse microbial composition even among specific functional (i.e., N-cycling) 
communities. 
3.7 CONCLUSION 
Even after two decades of identical climatic, topographic and management conditions, 
microbial community composition and structure of transplanted Chernozems remained most 
strongly related to soil origin. This indicates there was a persistent influence of soil origin and 
land use history on soil resource availability, microbial abundance and community composition 
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even under C and N limited conditions. After >21 yr of common environmental conditions 
diverse soil fertility levels were observed among transplanted soils. Although, soil fertility 
changed due to current environmental conditions, the degree of change was determined by soil 
origin, land use and management history. These results suggested that soil fertility is a product of 
pedogenesis, land use and management history which creates a strong legacy effect on soil 
microbial community abundance and composition. 
Regardless of N fertilizer application, a convergence in microbial abundance and soil fertility 
of transplanted soils was not strongly apparent. The long-term N fertilizer application did not 
have a strong influence on bacteria and fungi abundance in the studied soils. This suggested that 
the N is not the most limiting factor for the functioning of microbial communities of the 
transplanted soils and soil fertility legacy effect was stronger on microbial communities over 
long-term N fertilizer application.  
Diverse and distinct nitrifier and denitrifier abundance and community structures indicated a 
dominant effect of soil origin on N-cycling communities. The AOA was the dominant nitrifier 
group present under C limited conditions. The N cycling functional genes had positive responses 
towards the long-term N application. However, nitrifier and denitrifier responses to N fertilizer 
application was pre-determined by the soil origin and land use history. Long-term N application 
resulted in an increase in bacterial amoA gene abundance suggesting a stimulation of AOB 
without any impact on AOA gene abundance. Long-term N fertilizer application resulted in a 
convergence in the AOB community structure of high productivity soils under common 
environmental conditions. 
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4.0. CHANGES IN MICROBIAL COMMUNITY STRUCTURE USING ARCHIVE SOILS OF 
TRANSPLANTED CHERNOZEMS 
4.1. PREFACE 
Chapter 3 surveyed the current status of the transplanted soil microbial communities after 21 
yr of common conditions. The results indicated variable abundance, composition and community 
structures in total communities and N-cycling functional groups in the transplanted soils. Chapter 
4 focusses on the identification of the microbial community responses to transplanted conditions 
in comparison to the original soil microbial communities. Archived soils from the 1990 (original) 
and 2011 (21 yr.) preserved collection were used for this investigation. 
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4.2. ABSTRACT 
Agricultural soil ecosystems are influenced by the management practices that alter their 
capacity to fulfill essential ecological functions. To ensure these critical functions, it is important 
to understand how soil microbes respond to intensive agricultural management. An experiment 
was conducted using archived soils from a long-term transplanted soil quality field experiment at 
AAFC, Lethbridge, AB. Briefly, 21 yr ago, 36 different Chernozems were transplanted to a 
single field and since then have been managed under identical climatic and topographic 
conditions. Starting in 1991, the field was continuously cropped with wheat under two different 
N fertilizer rates (0 and 60 kg N ha-1). DNA samples from soils sampled and archived in 1990 
and 2011 were successfully extracted and the microbial community structures were investigated 
using the 16S rRNA gene profiling. Although some storage effects on the DNA signatures of the 
archived soils likely occurred, results suggest that factors other than those related to storage 
affected the community structures in these archived soils. In 1990, the differences in the bacterial 
community profile were mainly associated with soil origin and land use legacy but divergence 
from these original communities and among different transplanted soils were observed in 2011. 
Shifts in the relative abundance of different taxa of the soil bacterial community were observed. 
In some cases, some new members were observed while others were no longer detected. Changes 
in the microbial community structure were particularly prominent between different classes and 
orders belonging to Proteobacteria. These changes were more visible in initial high fertility 
(cereal cultivated (CC) and pastureland (PL)) soils and transplanted soil from undisturbed native 
land (NG). The reduced relative abundance of Betaproteobacteria and Bacteroides was 
consistent with a decline in soil fertility with wheat monoculture and crop residue removal. 
Further, changes with respect to long-term N fertilization were apparent in bacterial community 
profiles; however, species richness and evenness did not follow a particular pattern with either 
soil origin or N fertilization. Our results indicate that changes in bacterial community structure 
can be elucidated using archived soils to bring new information to light about the changes across 
experimental treatments over time. Archived soils can add value to the myriad of long-term soil 
experiments around the world by allowing us to peer back in time and compare treatments 
effects with powerful new molecular tools. 
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4.3. INTRODUCTION 
A major challenge currently facing the agriculture sector is the need to double food 
production within next few decades to fulfill growing food demands and energy requirements 
(Blum, 2013). This must be accomplished with minimal environmental impacts to avoid land 
degradation, climate change and loss of biodiversity. Soil provides vital ecosystem services 
including organic matter (OM) decomposition and nutrient cycling. Most of the ecosystem 
functions are mediated by soil microbes (Schlesinger, 2013). For example, OM decomposition 
and C-cycling is mediated by the soil decomposer community (Schimel, 1995). Further, 
nitrification and denitrification processes of N-cycling are facilitated by soil microorganisms 
(Hayatsu et al., 2008). It has been estimated that nearly 10000 bacterial species are present in one 
gram of soil (Torsvik et al., 2002) and their diversity is important in maintaining soil functions. 
Regulation of nutrient cycling is essential for the integrity of the terrestrial ecosystem. Intensive 
agriculture management can result in ecosystem degradation and thereby can have a negative 
influence on soil processes. In some instances, ecosystem services normally provided by soil 
microorganisms have been replaced by agriculture inputs (Barrios, 2007). Moreover, agriculture 
management practices and inputs can alter the microbial community composition. 
Significant effects of land use changes reportedly are reflected in changes in microbial 
community composition (Girvan et al., 2003; Ding et al., 2013). For example, long-term organic 
and conventionally managed cropping systems had distinct microbial structures corresponding to 
management practices (Hartmann et al., 2015). Nitrogen fertilizer application, tillage and crop 
residue removal have the ability to alter the total microbial composition and composition of N-
cycling and decomposers communities (Jiménez-Bueno et al., 2016). Understanding the 
responses of soil microbial communities to the ecosystem and environmental changes are 
essential for managing soil functions (Griffiths and Philippot, 2013). There is no common 
approach to determining the effect of intensive agriculture management on microbial diversity 
because the microbial response depends on the magnitude of the cause and soil history (Griffiths 
and Philippot, 2013). Moreover, changes in microbial diversity in response to a particular 
management practice can vary over time. The aforementioned studies were conducted within a 
limited time frame which may not provide a complete picture of the overall consequences of 
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microbial diversity changes in response to agriculture implications. To address this issue a long-
term investigation was needed to assess the microbial diversity within different time frames. 
Long-term experiments can capture the different trends in ecosystem adaptations to answer 
fundamental questions about ecosystem functions (Janzen, 2009). The unique long-term 
transplanted experimental site was initially established in 1990 at AAFC, Lethbridge to 
investigate the relationship between soil quality and dryland wheat production in a semi-arid 
prairie region (Janzen et al., 2012). Further, the study provided opportunities to study the soil 
itself by decoupling the influences of the confounding factors (i.e., topography, climate and 
hydrology) from the original transplanted soils. At establishment, 36 different Chernozems were 
obtained for transplantation from donor sites with different management regimes. Following 
transplantation to the single site, soils were managed under identical climatic and topographic 
conditions for over two decades. In particular, continuous cultivation, N fertilizer application (0 
and 60 kg N ha-1) and crop residue removal were the common agriculture practices carried out 
during the regular management of this experiment. 
Starting from 1991, soil samples were obtained once every seven years from the transplanted 
soils, air dried, sieved and stored as archived collections for future use. It is a common strategy 
to archive soil samples from long-term field experiments which can be used to address future 
research questions by linking with past unexplored facts (Dolfing and Feng, 2015). Archive soils 
are resources that provide researchers with opportunities to construct the missing pieces of soil 
ecology with respect agriculture management practices. Archived soils can be used to track the 
soil microbial diversity responses to management and climatic changes. Even 50 yr old archived 
samples have been used to investigate microbial community changes (Dolfing et al., 2004). The 
molecular tools used to study microbial ecology are rapidly changing and provide more details 
than previously. The presence of an archived soil collection gives the opportunity for deeper 
exploration of microbial profiles with advancing technology (Dolfing et al., 2004; Clark and 
Hirsch, 2008). 
The soils from the archive collection of the transplanted soil quality experiment were 
previously used to track the changes that have occurring in the soil chemical properties. The 
changes occurred in microbial communities over time have not explored in transplanted soils 
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compared to the original soils in 1990. For this, a survey was conducted 21 yr post-
transplantation to determine the effects of long-term cultivation and N fertilizer application on 
the microbial community structure compared to the original soils (1990). Archived soils from 
1990 and 2011 collections were comprehensively surveyed through high-throughput DNA 
sequencing of 16S rRNA gene profiles.  
The main goal of this study was to survey the microbial community profiles of the 
transplanted soil at the time of field establishment and after 21 yr of establishment using 
archived soils. The objectives were: 1) to track the changes that may have occurred in microbial 
community structure after 21 yr in the transplanted soils; and 2) to determine the impacts of +/- 
N fertilization, continuous wheat cultivation and crop residue removal on microbial community 
structure of transplanted soils. 
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4.4. MATERIALS AND METHODS 
The long-term transplanted field trial located in AAFC, Lethbridge is an important study in 
addressing ecological issues relevant to soil factors and soil origin by decoupling the 
confounding effects associated with different sites (i.e., climate, topography, and management 
differences between sites). The current study was conducted using the original transplanted soils 
and soils archived in 2011 (21 yr after transplanting) to track the microbial community profile 
changes that have occurred over time. 
4.4.1 Establishment of long-term transplanted plots 
The long-term transplanted experiment site is located at the AAFC research station, 
Lethbridge, AB, Canada (49º42' N 112º50' W) and has been described by others (Zvomuya et al., 
2008; Yanni et al., 2016)). Briefly, the original soil at the site was a Dark Brown Chernozem 
(Typic Boroll) with a 20 cm Ap horizon, a thin B horizon (0 to 10 cm) and a calcareous C 
horizon ( Olson et al., 1996; Zvomuya et al., 2008). This site had been continuously cropped 
until 1988 and fallowed until the transplantation experiment was established in 1990 (Zvomuya 
et al., 2008). 
Prior to transplanting, the top soil was removed from the field and the exposed sub-surface 
soil was tilled to roughen the interface between the existing and transplanted soils. Temporary 
wooden frames were used along the plot (5 × 6 m) boundaries to prevent soil mixing (Zvomuya 
et al., 2008). Thirty-six different Chernozems, from diversely managed donor sites, located 
within 100 km radius of the experimental field were selected for transplanting. Most of the 
selected donor sites were long-term experimental fields within the research station. Soils were 
collected from the Ap or Ah horizons using a Bobcat skid steer loader and transported to the 
experimental site by trucks (usually one truck load per plot); in two cases, sub-surface soils from 
the B and C horizons from an eroded grassland also were included. At the time of transplanting, 
these soils had diverse chemical, physical and biological properties that arose as a result of 
different origins (location and management practices) (Olson et al., 1996). Two years after 
transplanting (i.e., in 1992), the mean depth of the deposited soil layer was 19 cm (Zvomuya et 
al., 2008) (Fig. 4.1). The experimental units were arranged using a split plot design. Transplanted 
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soil type was the main plot factor (6 × 5 m) while the rate of N fertilizer was the subplot factor 
which consisted of 0 kg N ha-1 (6 × 3 m) and 60 kg N ha-1 (6 × 2 m) (Zvomuya et al., 2008). 
Starting in 1991, the experiment field was continuously cropped with spring wheat (Triticum 
aestivum L.). Before seeding, N fertilizer was broadcasted onto the appropriate subplots. 
Phosphorous fertilizer was applied with the seed at a rate based on the soil test P levels for each 
transplanted soil (13 to 20 P kg ha-1) (Zvomuya et al., 2008; Janzen et al., 2012). In 1992 and 
1997 seed germination was poor due to severe drought; therefore, the field was chemically 
fallowed using glyphosate for the remainder of the growing season. Each season, harvesting was 
done manually from a selected area and the remaining plant materials were removed 
mechanically from the field (Zvomuya et al., 2008). All of the agronomic practices were 
conducted in such a way as to minimize soil disturbance, which included the use of no-till 
management (Olson et al., 1996; Janzen et al., 2012). 
In 1990, at the time of establishment, soil samples from each plot were collected from the 10 
cm depth and air-dried, ground and stored at room temperature as archived soils for future use 
(Zvomuya et al., 2008). Soil sampling for the field trial was carried out every seven years (1997, 
2004 and 2011) for a standard suite of soil analyses, and sub-samples were preserved in the soil 
archive (Janzen et al., 2012). 
 
Fig. 4.1. Aerial view of transplanted field trial, after established in 1990 (adapted from Janzen 
et al., 2012). 
85 
 
4.4.2 Soil selection and sampling 
For the current study, 10 archived soils and their +/- N sub-plots were selected. The selection 
was based on the soil origin and fertility levels (C and N content) to encompass soils with a 
broad range of fertility prior to transplanting. The summary of selected soil zones, textures and 
origins are listed in Chapter Three (Table 3.1) and included: previously uncultivated (native 
grassland - NG; pastureland - PL; dryland tilled fallowed (obtained from a pathway to an 
experiment field) - DTF; irrigated tilled fallowed - ITF; continuously cultivated and 
conventionally managed (cereal cultivated - CC; dryland wheat - DW); continuously cultivated 
and manure amended (RM (manured 30 t ha-1); HM (manured 90 t ha-1)) and sub-surface soils 
from an eroded native grassland (B horizon - BH); C horizon - CH). The archived collection 
from 1990 had the original soils prior to imposing the N treatments (10 soil types × 3 replicates; 
n=30) while the 2011 archived collection had the corresponding soils with the addition of the N 
treatments (10 soil types × 2 N levels × 3 replicates; n=60).  
Selected soils had different origins that resulted in diverse physical, chemical and biological 
properties at the time of transplanting. Total OC content was highest in PL followed by CC, 
whereas DTF, BH and CH soils had the lowest OC (Chapter 3, Fig. 3.2). A similar pattern was 
observed in the OC content of the archived soils collected 21 yr after transplantation (Chapter 3, 
Table 3.10). Total N content varied similar to the OC content for particular soil (Chapter 3, Fig. 
3.3). 
4.4.3 DNA extraction and Miseq Illumina sequencing of archived soils 
Prior to DNA extraction, archived soil samples were rehydrated according to the method 
suggested by Clark and Hirsch (2008) to increase the quality and quantity of the DNA extracted. 
The gravimetric moisture content of each fresh field collected soils in 2012 were used as a guide 
to determine the amount of water needed for rehydration of archived soils. The moisture content 
of archived soil samples was adjusted to the wet weight (0.25 g) of fresh soil (2012) by adding 
UltraPure™ DNase/RNase-Free Distilled Water (ThermoFischer Scientific Life Technologies 
Inc. 5250 Mainway, Burlington, ON) and samples were incubated at 4ºC for 30 min.  
Following rehydration, DNA was extracted from 0.25 g of rehydrated archived soil using a 
PowerSoil DNA isolation kit (MO BIO Laboratories, Inc., Carlsbad, CA). For each sample, 
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DNA from two technical replicates was extracted. DNA concentrations were measured using a 
Qubit® 2.0 Fluorometer (Thermo Fisher Scientific, Waltham, MA, USA) with Qubit® dsDNA 
HS assay kit (Thermo Fisher Scientific, Waltham, MA USA). Variable DNA concentrations 
were observed for different soils at the two sampling times. Except for DW, CC, and PL soils, 
the rest of the transplanted soils had higher DNA concentration in 1990 archived collection than 
the 2011(Fig. 4.2). Extracted DNA was stored in -80ºC until further sequencing. 
 
Fig. 4.2. DNA quantities yielded from 1990 and 2011 archived soils. NG- native grassland, 
DW- dryland wheat, CC- cereal cultivated, PL- pastureland, DTF- dryland tilled fallow, ITF- 
irrigated TF, RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon. 
N- and N+ are unfertilized and N fertilized (0 and 60 kg N ha-1) for 2011 soils respectively. 
 
To determine the diversity of bacterial and archaeal communities, 16S rRNA gene libraries 
were constructed using PCR amplification with the 515F (GTGCCAGCMGCCGCGGTAA)/ 
806R (GGACTACHVGGGTWTCTAAT) primer pair which targets the V4 region of both 
bacteria and archaeal 16S rRNA genes (Caporaso et al., 2012; Wu et al., 2015). The PCR 
reagents included 13.0 µL PCR grade water, 10.0 µL Five Primer Hot Master Mix, 0.5 µL each 
of forward and reverse primers (10 µM), and 1 µL template DNA, for a total reaction volume of 
25 µL. The PCR conditions (for a 96 well plate) were 94ºC for 3 min; 35 × (94ºC for 45 seconds, 
50ºC for 60 seconds, 72ºC for 90 seconds); 72ºC for 10 min; 4ºC hold. Samples were amplified 
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in triplicates and pooled for further analysis. They were run on an agarose gel to confirm the 
product size (300 to 350 bp) (Caporaso et al., 2012). Amplicons were quantified using Picogreen 
and equal quantities (240 ng) from each sample were pooled for sequencing. Amplicons were 
purified and quantified for concentrations. An aliquot of purified products was sequenced by the 
Miseq Illumina sequencing technique (Caporaso et al., 2012). 
4.4.4 16S rRNA gene sequence data processing and statistical analysis 
The Mothur v. 1.36.0 software package (Kozich et al., 2013) and the pipeline required to 
analyze Illumina Miseq sequencing data were obtained from the Mothur website 
(http://www.mothur.org/wiki/MiSeq_SOP) on November 2015 (Schloss et al., 2009). First, the 
reads were joined together to prepare contigs. Ambiguous base calls with unusually long reads 
without any meaningful overlap within the sequences were omitted (Kozich et al., 2013). 
Following alignment of the sequence with Silva’s bacteria reference database, sequences that did 
not align with the reference database were removed. Samples were further de-noised using a pre-
clustering algorithm which split the samples into groups and arranged them according to the 
abundance (high to low). Chimeras were removed using the uchime algorithm. The taxonomic 
classification was done with a naive Bayesian classifier. Gene sequences that classified into the 
sequence of mitochondria and eukaryotes were removed. When assigning OTUs, first sequences 
were split into groups, then assigned to OTUs at a 0.03 dissimilarity level (97% similarity) 
(Kozich et al., 2013). Rarefaction curves for Illumina Sequencing data of 1990 and 2011 
archived soils are presented in Fig. B.1. 
PCOrd software version 6 (Gleneden Beach, OR 97388, USA) was used to perform Principal 
Coordinate Analysis (PCoA) to investigate the ordination of 16S rRNA gene community profiles 
of the original and 2011 transplanted archived soils at the species level. Non-metric 
multidimensional scaling (NMDS) was done at the order level for manured soils to observe the 
effect of transplantation and management practices on community profiles. Multi-Response 
Permutation Procedure (MRPP) was used to compute the group difference within the treatments. 
Bray-Curtis dissimilarity indices were used to calculate the distance matrix in the non-parametric 
multivariate analysis. Alpha diversity was assessed using common metrics; observed species 
richness (Sobs), Chao 1 and inverse Simpson diversity indexes were generated using R statistical 
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software (R i386 3.2.3) using the functions in the Vegan package (https://www.r-project.org/). 
DNA concentrations, the relative abundance of phyla and diversity indices were statistically 
analyzed to determine the significant effects of treatments using PROC MIXED procedure in 
SAS 9.6 (SAS Institute Inc, NC, USA). 
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4.5. RESULTS 
 Using high throughput sequencing, 821 931 qualitative sequences were detected for the V4 
variable region of the 16S rRNA gene. After quality control and chimera removal, a total of 12 
153 operational taxonomic units (OTU) were generated at 97% similarity level. Except for the 
PL soil, rarefaction curves of the soils reached a plateau indicating that the number of sequences 
used was sufficient to capture the microbial diversity within the archived transplanted soils (Fig. 
A2.1). Shifts in microbial community structures occurred 21 yr after transplantation to varying 
degrees, depending on the soil type. It is possible that these changes were either related to 
differences between original soils or changes that occurred in soils over time. However, the 
microbial community structure differences clearly existed at different taxonomic levels for 
particular soils.  
4.5.1. Microbial community structure 
Overall, 17 bacterial and two archaeal phyla were observed in soils across both years (1990 
and 2011) and N levels (0 and 60 kg ha-1). The Actinobacteria, Proteobacteria, and 
Acidobacteria phyla dominated the microbial communities of the transplanted Chernozems (Fig. 
4.3). Nearly 50% of the total sequences were represented by the Actinobacteria phylum followed 
by Proteobacteria (21%). Prominent changes over time at the phyla level were observed for PL, 
CC and sub-surface (BH and CH) soils compared to the original soils. The abundance of 
Actinobacteria was significantly higher in the low fertility soils (BH, CH and ITF) (P<0.001) 
and comprised nearly 50% of the community profiles in 2011. Similar to the 2011 profiles, 
Actinobacteria abundance was high in 1990 profiles of sub-surface soils from B (59%) and C 
horizons (57%). Except for NG and sub-surface soils, the relative abundance of Actinobacteria 
increased in the remaining soils 21 yr after transplantation. A reduction in relative abundance of 
Bacteroidetes was found in 2011 for all soils. Further, the relative abundance of Proteobacteria 
decreased in high fertility soils over time relative to the original soil sampled in 1990 and this 
reduction was more distinct in the PL soil. 
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Fig. 4.3. Relative abundance of phyla observed from archived soils obtained at the beginning (1990) and 21 yr (2011) after 
transplantation. NG- native grassland, DW- dryland wheat, CC-cereal, DTF- dryland tilled fallowed, RM- manure 30 t h-1, HM- 
manure 90 t ha-1, ITF- irrigated tilled fallow, PL- pastureland, BH- B horizon, CH-C horizon. **Bars bordered by a dashed line 
represent the original soils for 1990; 0N and 60N are unfertilized and N fertilized (0 and 60 kg N ha-1, respectively) for 2011 soils. 
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The Proteobacteria classes present in the transplanted soils exhibited different relative 
abundances in 2011 compared to the original soils (Fig. 4.4). These changes were more evident 
in CC, PL and NG soils. The Betaproteobacteria was the predominant Proteobacteria class 
found in original PL soils. After transplantation and continuous wheat cultivation, the relative 
abundance of Betaproteobacteria was reduced in both N fertilized and unfertilized PL soils. 
Similar trends were observed in sub-surface soils (BH and CH). In CC and NG soils 
Alphaproteobacteria was the dominant Proteobacteria class in the 1990 soils. Similar to the PL 
soil, a reduction in Betaproteobacteria abundance was observed in NG and CC soils. Further, in 
the 2011 unfertilized PL soil, the Proteobacteria community was dominated by the 
Gammaproteobacteria class while in the N fertilized soil Alphaproteobacteria dominated. Such 
changes were not observed in CC and NG soils. 
The changes observed in Proteobacteria at the class level were also reflected at the order 
level. The relative abundance of orders Rhodospirillales and Sphingomonadales which belongs 
to the class Alphaproteobacteria increased in the 2011 PL soils following a change in land use to 
continuous wheat cultivation and residue removal (Fig. 4.5). This increase was prominent in the 
N fertilized PL soils. Bacteria belonging to the order Burkholderaceae (class 
Betaproteobacteria) occupied 65% of the total Proteobacteria community in the original PL soil 
but was reduced in 2011 where N fertilized and unfertilized soils only had 4% and 9%, 
respectively. Higher abundance of Enterobacteriales was found in N fertilized PL soil. 
Alteromonadales was identified in 2011 PL soils (but not in 1990 soils) with higher abundance in 
N unfertilized soil (Fig. 4.5). Changes in PL soil were also observed in NG and high fertility CC 
soil at the order level (Fig. 4.6). However, Alteromonadales was only detected in the N fertilized 
NG and CC soils.  
 The high relative abundance of the Chloroflexi phyla was observed for both 1990 and 2011 
in the PL soil. Among transplanted soils, NG, DW and PL soils had Firmicutes in higher 
abundance. The Clostridia was the dominant Firmicutes class present in the original PL soil; 
however, Bacilli became dominant in 2011. In CC and NG soils Bacilli was the dominant 
Firmicutes class at all the times. A decrease in the relative abundance of Verrucomicrobia was 
also observed in PL and CC soils in 2011 (Fig. 4.7). 
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Fig. 4.4. Relative abundance of Proteobacteria classes observed from archived soils obtained at the beginning (1990) and 21 yr (2011) 
after transplantation. NG- native grassland, DW- dryland wheat, CC-cereal, DTF- dryland tilled fallowed, RM- manure 30 t ha-1, HM- 
manure 90 t ha-1, ITF- irrigated tilled fallow, PL- pastureland, BH- B horizon, CH-C horizon. **Bars bordered by a dashed line 
represent the original soils for 1990; 0N and 60N are unfertilized and N fertilized (0 and 60 kg N ha-1, respectively) for 2011 soils. 
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Fig. 4.5. Phylogenetic comparison of phylum Proteobacteria at order level for archived 
pastureland (PL) soils. 0N and 60N are N rates of 0 and 60 kg N ha-1 for 2011 soils. 
 
Changes in microbial community structure following transplantation differed in low fertility 
soils (DTF, BH, and CH) which were compared to high fertility soils (CC and PL). For example, 
distinct changes in the Proteobacterial community were not apparent in the DTF soil at either 
class or order levels compared to the original archived soils. In sub-surface soils, a decrease in 
the Betaproteobacteria and an increase in Alphaproteobacteria occurred between the 1990 and 
2011 soils (Fig. 4.8). Similar to PL, NG and CC soils, the relative abundance of Burkholderiales 
decreased and Rhodospirillales increased in sub-surface soils after transplantation. A reduction 
in relative abundance of Pseudomonadales and Caulobactrales was seen in 2011 sub-surface 
soils (BH and CH) (Fig. 4.9). Changes occurred in phylum Chloroflexi in sub-surface soils from 
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1990 to 2011. Ktedonobacteria class found in BH soils in 1990 were undetected in 2011 soils 
(Fig. 4.10). In contrast, Ktedonobacteria class was found in 2011 unfertilized CH soils but was 
not present in the original CH soil. The presence of the Chloroflexi class in both sub-surface soils 
was observed in 2011 (Fig. 4.10). The presence of Subdivision3 Verrrucomicrobia class was 
observed in 2011 soils compared to 1990 (Fig. 4.11). 
 
Fig. 4.6. Phylogenetic comparison of phylum Proteobacteria at order level for archived cereal 
cultivated (CC) soils. 0N and 60N are N rates of 0 and 60 kg N ha-1 for 2011 soils. 
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Fig. 4.7. Relative abundance of phylum Verrucomicrobia for archived pastureland (PL), cereal 
cultivated (CC) and native grassland (NG) soils. 0N and 60N are N rates of 0 and 60 kg N ha-1 
for 2011 soils. 
 
Fig. 4.8. Distribution of Proteobacteria classes in sub-surface soils. (BH- B horizon, CH- C 
horizon). 0N and 60N are N rates of 0 and 60 kg N ha-1 for 2011 soils. 
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Fig. 4.9. Distribution of Proteobacteria orders in sub-surface soils. (BH- B horizon, CH- C horizon). 0N and 60N are N rates of 0 
and 60 kg N ha-1 for 2011 soils. 
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Fig. 4.10. Distribution of Chloroflexi orders in sub-surface soils (BH- B horizon, CH- C 
horizon). 0N and 60N are N rates of 0 and 60 kg N ha-1 for 2011 soils. 
 
Significant differences were not detected in long-term manured soils (RM, HM) at the phyla 
and class levels. However, ordination analysis using NMDS analysis conducted at the order level 
indicated a shift between fertilized and unfertilized 2011 RM and HM microbial community 
profiles as compared to the original soils (Fig. 4.12). The N fertilized RM community structure 
shifted closer to the HM. Further, 2011 HM soil had lower Chloroflexi abundance than the 
original soil. 
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Fig. 4.11. Distribution of Verrucomicrobia classes in sub-surface soils (BH- B horizon, CH- C 
horizon). 0N and 60N are N rates of 0 and 60 kg N ha-1 for 2011 soils. 
 
 
Fig. 4.12. Non-metric multidimensional scaling (NMDS) analysis for microbial communities 
of the manured archive soils at order level.  RM- manure 30 t ha-1, HM- manure 90 t ha-1, N- 
and N+ are unfertilized and N fertilized (0 and 60 kg N ha-1) for 2011 soils. 
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Two decades after transplantation, the microbial community composition had shifted to 
varying degrees depending on the soil origin (Fig. 4.13). Different microbial communities were 
found in PL, BH, CH, NG, CC, RM and HM soils in 2011 compared to the initial soil. The 
microbial community profile of the PL soil that was obtained from a native pastureland had 
changed substantially with continuous wheat cultivation and crop residue removal. The soil 
transplanted from native grassland (NG) and continuous cereal cultivation (CC) also indicated a 
shift in the microbial community structure over time. Convergence in the structure of the sub-
surface soil (BH and CH) microbial communities towards a structure more similar to the top 
soils were also observed 21 yr after transplantation; however, N fertilization was not the 
dominant driver of the changes. At the beginning of the transplantation, manured soils (HM and 
RM) had different microbial community structures depending on whether a high or 
recommended rate of wet manure was applied prior to transplantation; however, clustering of 
community profiles of RM and HM soils in 2011 emphasized that continuous cultivation and N 
fertilizer application had minimized the initial differences with respect to manure rate. The effect 
of N fertilizer application varied depending on the origin of the particular transplanted soil. For 
example, N fertilized soils from the BH, CH, CC, HM, DTF, DW, and ITF did not have distinct 
community profile changes compared to the unfertilized soil. However, the N fertilizer 
application resulted in different microbial communities in PL and NG soils that were originally 
from native ecosystems and had not previously received inorganic N fertilizer. Total C, N and 
OC contents were positively correlated with PL and CC microbial communities. Further, 
microbial communities in high fertility and sub-surface soils were positively correlated with 
Verrucomicrobia and Actinobacteria, respectively, at the OTU level (Fig. 4.13). 
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Fig. 4.13. Principal coordinate (PCoA) analysis for OTUs observed in microbial communities 
of the transplanted soils from 1990 and 2011 archive collections. A) Axis 1 and 2, B) Axis 1 
and 3. NG- native grassland, DW- dryland wheat, CC-cereal, DTF- dryland tilled fallowed, 
RM- manure 30 t ha-1, HM- manure 90 t ha-1, ITF- irrigated tilled fallow, PL- pastureland, BH- 
B horizon, CH-C horizon. 
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4.5.2 Diversity indices 
The species richness of the transplanted soils with respect to the sampling year and N level 
was measured using alpha diversity indices Chao 1 (Chao, 1984) and observed species richness 
(Sobs) (Table 4.1). Higher Sobs was found in 1990 high fertility (PL, CC) and DTF, ITF, RM 
and HM soils than the 2011 archived soils. Original PL soil had some community members in 
higher abundance than the others (low species evenness) and converting to annual cropping 
increased the evenness as a result of the change in land use. In the CC, DTF and manured (HM 
and RM) soils reduction of Sobs, Chao 1 and inverse Simpson for 2011 implied a reduction of 
both species richness and evenness. Depending on the N rate, no difference was observed in 
species abundance of CC soil. Although Sobs and Chao 1 increased in 2011 for NG and DW 
soils, lower inverse Simpson values indicated a reduction in the evenness. In sub-surface soils 
(BH and CH), the species richness and evenness increased after transplantation. For the BH soil, 
increases in the inverse Simpson index in both 0 and 60 kg of N ha-1 indicated closer relative 
abundance levels among the community members than observed in the original soil. However, 
the above-mentioned trend was only observed for the CH soil that did not receive N fertilizer.  
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Table 4.1. Richness and diversity estimates for transplanted soils from 1990 and 2011 (N+/N-) rarefied to minimum read number. 
Soil† Sobs Chao 1 Inverse Simpson (1/λ) 
1990 
Original 
2011 
(0 kg N ha-1) 
2011 
(60 kg N ha-1) 
1990 
Original 
2011 
(0 kg N ha-1) 
2011 
(60 kg N ha-1) 
1990 
Original 
2011 
(0 kg N ha-1) 
2011 
(60 kg N ha-1) 
NG 731±120 829±12 773±93 773±129 889±15 830±81 82±10 54±27 35±20 
DW 601±351 737±72 709±57 667±350 795±66 768±62 84±22 52±41 46±31 
CC 916±83 799±95 798±63 953±92 847±76 839±46 103±8 38±24 79±7 
PL 693±66 619±124 570±102 638±119 604±43 720±68 12±4 37±26 53±24 
DTF 828±31 587±245 681±58 876±33 658±212 725±71 82±8 70±10 78±2 
ITF 840±92 778±87 816±95 895±86 831±86 866±96 76±6 71±5 68±14 
RM 930±38 511±300 731±27 968±38 559±283 783±31 91±6 65±10 70±3 
HM 992±64 798±12 762 ±78 1017±68 856±9 810±66 96±2 73±1 68±4 
BH 573±66 796±87 739±103 593±72 847±84 778±119 43±8 90±5 80±7 
CH 585±71 608±271 720±62 603±80 649±271 751±68 57±5 80±8 64±6 
†NG- native grassland, DW- dryland wheat, CC- cereal, PL- pastureland, DTF- dryland tilled fallow, ITF- irrigated tilled fallow, 
RM- manured 30 t ha-1, HM- manured 90 t ha-1, BH- B horizon, CH- C horizon 
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4.6. DISCUSSION 
The current study explored how changing management practices influence the microbial 
community structures of the transplanted Chernozems of different origin, managed under 
identical climatic and topographic conditions for 21 yr. DNA was successfully extracted from the 
1990 and 2011 archived soils of the soil quality experiment (Fig. 4.2). Previously, Clark and 
Hirsch (2008) were able to extract DNA successfully even from samples archived in the 19th 
century. These researchers reported that rehydration of dried soil samples increased the quality 
and quantity of extracted DNA. Most of the archived soils from 1990 resulted in larger DNA 
concentrations than 2011 archived soils which were processed by sieving and drying. Prolonged 
drying removed moisture from the soil and may have disintegrated bonds between DNA and 
OM, resulting greater DNA quantities in 1990 archived soils than 2011. Variable amounts of 
DNA were extracted from the transplanted soils. It has been found that the microbial biomass in 
higher OM soils has a greater chance of survival under long-term storage (up to 103 yr) (De 
Nobili et al., 2006). This was not completely in agreement with the current study as high fertility 
soils (i.e., high OM and nutrients) such as CC and PL did not have the highest extractable DNA 
(Fig. 4.2). Tzeneva et al. (2009) reported that 18% and 21% of the variability in microbial 
profiles was attributed to drying and storage in two different long-term grassland soils. 
Significant reductions in species richness and diversity in dried and stored samples were 
observed compared to fresh soils. The soil drying can alter certain chemical properties. For 
example, desiccation increases soluble nutrients such as P (Turner and Haygarth, 2001) and OC 
(Wu and Brookes, 2005). The water extractable C content increases during storage (De Nobili et 
al., 2006). However, Blake et al. (2000) reported no major changes in the TC and TN with long-
term storage (8 to 69 yr). They also observed a small change in soil pH and exchangeable cation 
content by storing air dried soils for over 27 yr. Most of the transplanted soils from 1990 yielded 
a substantially greater quantity of DNA than soils from 2011 indicating a minimum effect of 
prolonged drying and storage conditions on survival of soil DNA (Fig. 4.2). Even in dried and 
stored soils, the effect of environmental variables (pH and N fertilizer) including agricultural 
practices were reflected clearly in microbial profiles (Tzeneva et al., 2009). This also implied 
that there are other factors influencing the DNA quantity of the archived soils other than drying 
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and storing and changes in soil chemical properties. Higher DNA quantities in older archive soils 
(1990) might be due to the influence of soil origin at the time of transplanting. Perhaps, the 21 yr 
effect of agricultural practices and climate change may be the reason behind lower DNA 
quantities in the soil archived in 2011. Not only the DNA quantities but also the microbial profile 
variations between archive soil collections were evident over time. The observed species 
richness was higher for CC, PL, DTF, ITF, RM and HM soils obtained in 1990 emphasizing the 
ability of various bacterial and archaeal species to survive under prolonged storage conditions 
(Table 4.1). The greater observed species richness in 21 yr old (1990) samples than one-year old 
(2011) samples further confirm that drying and storage were not the only drivers influencing the 
microbial profiles. The observed differences in transplanted soils between 1990 and 2011 could 
be due differential changes that have occurred as a result of interactions between the soil origin 
and management factors after transplanting. Since the transplanted soils were obtained from 
various donor sites with different management regimes, there could be a prolonged influence of 
soil origin on the microbial profiles. Likewise, 21 yr of continuous cultivation, N fertilizer 
application and crop residue removal after transplantation are likely responsible for microbial 
community differences from 1990 and 2011. 
The dominant effect of soil origin was evident as different soils had variable microbial 
community structures even under identical climatic, topographic and management conditions for 
21 yr (Fig. 4.13). The effect of soil origin on microbial community structure is in agreement with 
many studies conducted using transplanted and reciprocal transfer experiments (Hannam et al., 
2007; Sun et al., 2013). Other than the soil origin, the history of management is a significant 
factor that has a lasting effect on microbial community structure (Buckley and Schmidt, 2001; 
Steenwerth et al., 2002). Greater similarities were observed in community profiles of cultivated 
land that had been abandoned for seven years as compared to adjacent cultivated land, than 
similar comparisons with previously uncultivated land (Buckley and Schmidt, 2001). Likewise, 
various management practices (i.e., uncultivated ecosystem, continuous cultivation, OM 
application…. etc.) prior to transplanting can be the major reason for variability between the 
community profiles of transplanted soils. Based on the PCoA analysis, the differences in 
microbial community structure between the original (1990) and the transplanted soils from 2011 
may be a combination of soil origin, land use history and current land use (Fig. 4.13). Variable 
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community structures were distinguished for each soil type with different origins at both 
sampling points. This was confirmed by Steenwerth et al. (2002) who observed different 
microbial community profiles between intensively managed agriculture, grassland and 
previously cultivated grassland sites in California. Soil characteristics inherent from soil origin 
and history of land use may produce unique environmental responses to current land 
management practices which are favorable for certain microbial groups leading to different 
community composition at 2011.  
The influence of current land use on the microbial community profile of a particular soil was 
apparent through the divergence of community structure as compared to the original soil. Ding et 
al. (2013) found a significant influence of land use changes on the bacterial community in an 
alfalfa cultivated field as compared to natural scrubland. The intensity of microbial structural 
changes due to current land use was related to previous management history (Ding et al., 2013). 
Similarly, the community profiles of the 2011 transplanted soils varied from the original soil 
without convergence in community structures in different soils (Figs. 4.3, 4.4 and 4.13). Others 
have reported that agriculture management practices that influence soil OM content significantly 
modify the original microbial community structure (Peacock et al., 2001; Enwall et al., 2007; 
Navarro-Noya et al., 2013). In the current study, long-term crop residue removal was one of the 
major factors influencing soil OM availability in the transplanted soils after 21 yr (2011). 
Likewise, N fertilizer application has the ability to alter the microbial community composition 
(Cederlund et al., 2014). However, soil N was not the most limiting factor for soil microbial 
communities in CC, DW, ITF, HM, and BH soils. With the exception of the BH soil, all soils had 
a history of agricultural use (N fertilizer application) which included N fertilizer application prior 
to transplanting. The changes that occurred in NG, PL, DTF, RM, and CH soils were apparent 
when the microbial profiles were explored at different taxonomic levels. 
Similar to an analysis conducted using fresh soil (Janssen, 2006), the Actinobacteria, 
Proteobacteria, and Acidobacteria were the dominant phyla observed in archived soils (Fig. 4.3). 
Divergence in microbial community structure was observed when comparing the 2011 and 1990 
soils (Fig. 4.13). The changes that occurred in the microbial profiles were associated with 
shifting of the relative abundance of specific microbial phyla at the class and group levels, 
detection of new DNA signatures from the community and loss of certain DNA signatures that 
106 
 
were present in the original soils (Figs. 4.5 and 4.6). Shifting of the microbial community 
structure was more obvious in the high fertility soils and soils from native ecosystems, such as 
NG and PL. The shifts in the microbial community compositions in these soils were mostly 
associated with the land use changes where soils were subjected to diverse agricultural 
management practices and different land cover (wheat cultivation) after transplantation. A 
significant effect of land use on bacterial community structure was apparent between alfalfa 
cultivation and adjacent scrubland through DGGE analysis in Mexico (Ding et al., 2013). Several 
studies have emphasized the effect of land use changes on soil nutrient concentrations (Jesus et 
al., 2009; Groppo et al., 2015; Zhang et al., 2016). In the current study, soil analysis conducted 
using the fresh soils collected in 2011 indicated that variations in nutrient contents (TC, OC, and 
TN) during past two decades might be associated with the land use changes such as continuous 
wheat cultivation, long-term N fertilization and crop residue removal. Except for sub-surface 
(BH and CH) and DTF soils, the remaining soils indicated depletion in TC, OC, and TN over 21 
yr. In addition to the changes that occurred in soil nutrient dynamics, plant community changes 
with continuous wheat mono-cropping might also account for shifts in the microbial 
communities in transplanted soils. Land cover type and below-ground inputs are strongly linked 
with microbial functions (Kardol and Wardle, 2010). Following soil transplantation, a shift in 
soil C inputs may lead to divergence in the soil microbial composition from the original soil. 
Continuous cultivation and residue removal for 21 yr reduced the soil OM and nutrients 
inputs in high fertility soils, possibly resulting in oligotrophic conditions in most of the soils. 
Reduction in soil OC and TN from the initiation of the study to 2011 were detected and reported 
by Yanni et al. (2016). For example, prior to transplantation high fertility soils were established 
with high C inputs. Subsequent relocation and management of soils that had received low C 
inputs due to crop residue removal led to low nutrient profiles in PL, NG, and CC soils. 
Oligotrophic bacteria are common in soils which have low nutrient availability (Fierer et al., 
2007). The reduction in soil nutrient status was consistent with an increase in the relative 
abundance of Actinobacteria in most of the soils (except DW, NG and BH, CH) as they are 
sensitive to soil C: N ratio changes (de Menezes et al., 2015) (Fig. 4.3). The Actinobacteria are 
also responsible for cycling of physically protected OM in the soil (Miyadoh, 1997). Their 
community is sensitive to pH changes (Jiménez-Bueno et al., 2016). Further, high pH has been 
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associated with increases in the abundance of the Actinobacteria community (Fierer et al., 
2012b). The pH did not significantly change from 1990 to 2011 in transplanted soils. However, 
in air dried soil, CaCO3 tends to increase resulting in an increase of pH which is favorable for 
Actinobacteria (Oskay, 2009). An overall reduction in abundance of copiotroph taxa of 
Proteobacteria in the high fertility (CC and PL) and sub-surface (BH and CH) soils corresponds 
with nutrient depletion from current agriculture managements. Furthermore, a lower relative 
abundance of Bacteroides assemblages in all the 2011 transplanted soils was another indicator of 
fertility reduction as the Bacteroides are copiotroph that can be found in nutrient rich 
environments. In particular, they tend to live in C rich soils (Fierer et al., 2007). In high fertility 
soils, a reduction in relative abundance of Chloroflexi (Fig. 4.3) after 21 yr supports a microbial 
adaption to nutrient depletion (Will et al., 2010). However, the overall community shift was 
prominent in the Proteobacteria at both class and order levels (Figs. 4.5 and 4.6).  
Shifts in Proteobacteria composition at class and order levels were identified from 1990 to 
2011 for PL, CC, NG and sub-surface soils (Figs. 4.5 and 4.6). The Proteobacteria consists of 
morphologically, physiologically and metabolically diverse members involved in C, N and sulfur 
cycling (Kersters et al., 2006). In the high fertility PL and CC soils, the Proteobacteria 
community was dominated by Beta and Alpha classes, respectively, prior to relocation (Figs. 4.5 
and 4.6). Similar to CC, the NG soil was dominated by Alphaproteobacteria in 1990 (Fig. B 2). 
The Alphaproteobacteria and Betaproteobacteria prefer copiotroph environments and are 
sensitive to soil C availability (Fierer et al., 2007) as indicated by higher relative abundances in 
C rich soils (Smit et al., 2001; Fierer et al., 2007). The Proteobacteria community structure of N 
fertilized soils had changed from unfertilized and original soil communities. The higher 
abundance of Alphaproteobacteria and Gammaproteobacteria were found in CC and PL soils 
respectively. Increases in Alphaproteobacteria and Gammaproteobacteria in N fertilized soils 
also was reported by Fierer et al. (2012b) and Campbell et al. (2010). Long-term N fertilizer 
application resulted in the emergence of copiotrohic bacterial communities as N fertilizer 
application increased the OC availability in the soil by increasing plant productivity (Zvomuya et 
al., 2008; Fierer et al., 2012a; Yanni et al., 2016). This was applicable to the PL and NG soils 
which had been transplanted from native ecosystems. Transplantations from native ecosystems 
indicated higher abundances of Alphaproteobacteria and Betaproteobacteria in N fertilized soils 
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while the Gammaproteobacteria abundance increased in N unfertilized soils (Fig. 4.4). In 
agreement with current findings, Nemergut et al. (2010) reported a strong correlation between 
soil N availability and Alphaproteobacterial abundance. In contrast to PL and NG soils, the 
Proteobacterial community of the CC soil, that had been cultivated and received N fertilizer 
before transplanting, displayed minor changes with N fertilizer application (Figs. 4.4 and 4.6).  
Other than shifts in the microbial community structures, invasion, and extinction of certain 
microbial members were detected in transplanted soils at the order level. The microbial 
community structure is a historical product of diversification, immigration, and extinction 
(Fukami et al., 2007; Nemergut et al., 2013). Since these soils are exposed to a dynamic 
environment where research was conducted with other soil types, foreign microorganisms may 
have entered and invaded the transplanted soils. However, unless the conditions were favorable 
not all of the incoming microbes survived. For example, the order Alteromonadales in N 
unfertilized PL and CC soils (Figs. 4.5 and 4.6), and the subdivision 3 Verrucomicrobia in sub-
surface soils (Fig. 4.11) were first detected in 2011, presumably because the conditions were 
favourable for supporting their growth. The relative abundance of the order Alteromonadales 
increased with labile organic substrate availability (Goldfarb et al., 2011). The PL and CC had 
higher C availability among the soils favoring the survival of the order Alteromonadales. In 
2011, class Ktedonobacteria had disappeared from the BH soil (Fig. 4.10). Based on the 
community profile analysis, it was confirmed that convergence of soil microbial community 
structure of sub-surface soils resulted from continuous wheat cultivation practices. The long-term 
N fertilizer application may not be the major driving force of community convergence as similar 
degrees of change were observed in both N fertilized and unfertilized sub-surface soils (Fig. 
4.13). This was further confirmed by increased species richness and evenness in the 2011 BH 
and CH soils as a result of agriculture management practices (Table 4.1). Before transplanting, 
the sub-surface soils had lower soil OC content because of soil erosion. After transplantation, 
even under continuous wheat cultivation and crop residue removal conditions, these soils had 
gained substantial amounts of OC over time. The N fertilizer application further enhanced soil 
OM increase. The gain in soil OC amounts in sub-surface soils was reported for the same 
experiment after 21 yr (Yanni et al., 2016). 
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Species richness and evenness did not follow a particular pattern with either soil fertility 
level or N fertilization (Table 4.1). Others have observed site specific bacterial diversity response 
towards N fertilizer application (Ramirez et al., 2010; Fierer et al., 2012a). Alpha diversity 
followed robust patterns among the studied soils and there were predictable trends based on the 
land use history. Exposure of NG and PL soils to agriculture practices resulted in different 
responses. The PL soil obtained from a native pastureland which previously had been used for 
cattle production likely received high levels of manure and urine in isolated spots within the field 
creating nutrient rich patches where copiotrophic microbial communities with lower evenness 
became dominant. Subsequently, it was continuous wheat cultivation, crop residue removal and 
N fertilizer application which drove increases in evenness of microbial community assemblages. 
Long-term N fertilizer application had variable impacts on microbial evenness in the high 
fertility soils. The evenness decreased in CC soil with N fertilization while the opposite trend 
was observed for PL soil. This response seems to depend on the history of management as the 
CC soil, which was previously exposed to N fertilization, may have increased the abundance of 
N responding community members, as the conditions were more favorable for them. Manure 
application reportedly alters microbial diversity by increasing richness and decreasing evenness 
(Hartmann et al., 2015). Clear dilution of species richness and evenness was evident in RM and 
HM soils where the effect of the added manure diminished over time. Current nutrient depletion 
conditions may reduce the richness, which can facilitate the slow growing oligotrophic 
community. However, it is possible that of microbial diversity was underestimated in these 
archived soils due the influence of drying and storage factors. The shift in sub-surface soil 
microbial communities towards top soil is an indication of microbial community convergence 
under common field and climatic conditions for 21 yr. Although low fertility sub-surface soils 
able to converge within 21 yr high fertility soils may take a longer period of time (more than 100 
yr) for microbial communities to converge.  
4.7. CONCLUSION 
Archived soil can be effectively used to capture microbial community changes that occurred 
over time as a result of land use changes and agricultural management. The current findings 
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suggest that archived soils can be use effectively to bring new information about microbial 
community structure changes across experimental treatments overtime.  
The variability of microbial community profiles is a product of soil origin that resulted from 
intrinsic soil characteristics, different land use histories, as well as current land use practices. The 
soils were obtained from different donor sites with variable land use histories. However, the 
identical climatic, topographic and management conditions after transplantation did not result in 
highly similar soil microbial communities (i.e., convergence). Microbial communities of 
transplanted soils diverged from the original soils (1990) and from each other by 2011, even with 
common field and climatic conditions. The alpha diversity followed variable patterns of species 
richness and evenness with soil origin and N fertilization. Soil origin and history of management 
modified the microbial community profiles together with current management practices. Soil 
fertility level was a major factor influencing microbial profiles associated with DNA profiles in 
the archived soils. This confirmed that microbial community responses to environmental changes 
is mainly governed by soil fertility legacy. Other than the soil formation, land use and 
management history play an important role in future soil fertility which has predominant effect 
on microbial communities. 
Soil erosion exposed sub-surface soils to the soil surface and agriculture management 
practices which deposited most of the crop residues (straw and roots) resulted in convergence in 
microbial profiles similar to topsoil. The microbial community conversion in sub-surface soil 
was mainly driven by continuous cultivation and was less influenced by N fertilization. The 
community changes with respect to current management practices are evident through shifts in 
microbial communities, invasion of new species and disappearance of existing species in the 
transplanted soils. Each soil had its own pattern in community changes indicating variable 
responses to current agriculture land use. However, most dominant shifts occurred in high 
fertility and previously uncultivated soils and reflected nutrient depletion due to continuous 
cultivation and crop residue removal. The shifts in the Bacteroides and Chloroflexi phyla 
reflected the oligotrophic status of the soil. The phylum Proteobacteria is a better indicator of 
microbial community shifts in the transplanted soils. Long-term N fertilizer application shifted 
Alphaproteobacteria and Betaproteobacteria classes to varying degrees, depending on the soil 
origin. Distinct community compositions among transplanted soils indicated that community 
111 
 
responses to current management practices were governed by past land use. Different directions 
of microbial community changes in transplanted soils were related to soil origin and land use 
history. 
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5.0. SOIL ORIGIN REGULATES THE DECOMPOSITION DYNAMICS OF TRANSPLANTED 
CHERNOZEMS  
5.1. PREFACE 
The previous two chapters described distinct differences in microbial community abundances 
and structures between soils which had been transplanted to a common site such that the soils 
were managed similarly under identical climatic and topographic conditions over more than two 
decades. A microbial community comparison study of original (1990) and 2011 archived soils 
suggested a divergence in microbial communities in each of the soils from the time of 
transplanting to sampling >21 yr later. Further, soil analysis indicated loss of TC, TN, and OC in 
most soils after transplantation in response to the imposed land use practices (continuous wheat 
cultivation, crop residue removal, and N fertilizer application). Thus, it was deemed important to 
further study nutrient dynamics of transplanted soils that ultimately contributed to the TC, TN, 
and OC losses. For this, OM decomposition processes were selected for further investigation as 
they are the main process releasing available nutrients for plant and microbes. A microcosm 
study was conducted coupled with a stable isotope probing (SIP) technique to explore 
transplanted soil community responses to an added C source. 13C cellulose was used as the 
substrate, from which 13C was tracked in the microbial phospholipid fatty acids (PLFA) and 
DNA to identify the active decomposer communities. Despite the established differences in 
overall microbial community structure, the use of 13C-SIP allowed me to discern whether the 
shared conditions imposed on different soils after transplanting had selected for a common 
subset of the total community that responded to the C addition. 
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5.2. ABSTRACT 
Organic matter (OM) decomposition contributes to soil fertility and shifts in microbial 
community composition can change soil C-cycling, including OM decomposition. Microbial 
response to land use change is governed by several factors; however, the main determining 
factors that control the microbial decomposer community in different soils remain poorly 
understood. Several studies have been conducted to examine factors influencing microbial 
community structure, typically by comparing soils from diverse ecosystems with the goal of 
linking soil microbial community dynamics to OM decomposition patterns. However, these 
studies were necessarily influenced by confounding factors such as different climate, 
topography, and hydrology at the experimental sites. A stable isotope probing (SIP) study was 
conducted using 13C labelled cellulose to investigate C-cycling in four Chernozems of different 
origin and management history (CC-cereal cultivated, PL- pastureland, DTF- dryland tilled 
fallowed and RM- manured) obtained from a long-term (23 yr) soil quality transplant experiment 
at AAFC, Lethbridge, Canada. Soil microcosms were prepared by adding 13C cellulose and soil 
respiration was measured over 78 d. The active decomposer community at 30 and 78 d was 
analyzed using 13C-PLFA and sequencing of 13C labelled 16S rRNA genes. Mineralization 
responses were mainly governed by the most limiting nutrient for microbial metabolism, which 
differed among transplanted soils. For example, application of cellulose to high fertility CC and 
PL soils that had received N fertilizer for years increased the C use efficiency by 5 and 23% 
respectively, resulting in low CO2 emissions; the low fertility soil (DTF) followed an inverse 
trend. Long-term N fertilizer application reduced Actinobacterial and Proteobacterial diversity 
in PL and RM soils, whereas opposite trends were observed for the CC and DTF soils. Although 
Proteobacteria and Actinobacteria were the most abundant taxa in all soils, distinct active 
decomposer communities were associated with each transplanted soil, indicating a prolonged 
influence of soil origin and land use legacy through soil fertility on decomposer microbial 
dynamics. Preferential utilization of added cellulose over soil OM signified the important role of 
fresh OM quality on the fate of added C inputs in the soil. However, cellulose activated a 
different subset of microbial groups unique to each soil indicating a prolonged influence of soil 
origin, land use history and C and N fertility legacy on the decomposer community. These results 
suggest a persistent legacy effect of soil fertility on decomposer community structure and their 
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functions in soil C turnover. Because the dynamics of C and N availability in the transplanted 
soils resulted in different flows of freshly added C through the microbial community, differences 
in soil OM composition and thus soil fertility are likely to persist despite decades under common 
conditions.    
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5.3. INTRODUCTION 
Understanding C-cycling is important in sustainable cropping systems. Soil C-cycling 
contributes to the global C cycle (Fontaine et al., 2007) as the soil is the most dynamic C 
reservoir in terrestrial ecosystems (Janzen, 2004). In terrestrial ecosystems, the main reservoir of 
C is soil OM (Schimel, 1995) and changes in C-cycling have a major impact on soil productivity. 
Soil C-cycling regulates the atmospheric CO2 levels by storing CO2 assimilated by plants as soil 
OM and releasing CO2 to the atmosphere through OM decomposition. Decomposition of soil 
OM releases nutrients for plant and microbial uptake (Johnston et al., 2009) and these processes 
are mediated by soil microorganisms (Aislabie et al., 2013). The rate of soil OM decomposition 
is governed by soil microbial community composition and environmental conditions (Baumann 
et al., 2012). Soil microorganisms not only facilitate decomposition but also directly contribute 
to the C-cycle as microbial products are important constituents of soil OM (Kleber, 2010). 
Environmental and management modifications can influence soil C-cycling by shifting microbial 
community structure and their metabolic activities. Therefore, understanding decomposer 
microbial community dynamics is pertinent in maintaining ecosystem stability. 
Crop residues contain valuable nutrients (N, P, K) in complex forms, which may not be 
readily available for plant uptake. The decomposition process breaks these complex organic 
compounds into readily available forms for plants and microbes (Gonzalez-Quiñones et al., 
2011; Gleixner, 2013). This process is driven by the interactions between quantity and quality of 
the plant residues (Chowdhury et al., 2015; Wang et al., 2015), soil properties (Comeau et al., 
2013), agriculture management practices (Moran et al., 2005; Chowdhury et al., 2015) and 
climate (Davidson and Janssens, 2006). The C: N ratio of the residue material has a significant 
impact on decomposition where materials with high C: N ratio are only partially assimilated by 
soil microorganisms resulting in longer residence time in the soil, whereas materials with low 
C:N ratio are readily available for microbial uptake and decompose rapidly (Kirkby et al., 2013).  
In Western Canada, crop residue removal is a common practice carried out to provide 
bedding materials for livestock (Campbell et al., 1991). Crop residue removal decreases both OC 
and available nutrients in the top soil compared to systems where residues remain in the field. 
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Reduced microbial biomass and soil OC are two main features of soils from which crop residues 
have been removed (Chowdhury et al., 2015). Under N limited conditions, soil microorganisms 
scavenge for N present in the soil OM pool (Fontaine et al., 2011). Nitrogen fertilizer application 
is a common practice conducted in agriculture fields to facilitate crop growth (Zhang et al., 
2008). Addition of N fertilizer reduces the overall C: N ratio of the soil. In addition to enhancing 
plant biomass production, N fertilizer also enhances the conversion of residue C inputs into 
stable soil OM (Moran et al., 2005). Several soil physical and chemical properties have been 
reported to influence OM decomposition (Enriquez et al., 1993; Giardina et al., 2001; Krull et 
al., 2001; Xu et al., 2016). For example, soil texture, water holding capacity (Giardina et al., 
2001), pore size distribution (Krull et al., 2001) and the C: N ratio (Enriquez et al., 1993) have 
various influences on OM decomposition in soil (Xu et al., 2016).  
There is a complex relationship between soil OM composition, microbial community 
composition and soil nutrient dynamics (Ng et al., 2014). Microbial diversity and community 
structure affect soil OM turnover (Baumann et al., 2012). Researchers have reported changes in 
microbial composition at the early stages of wheat decomposition (Marschner et al., 2011). 
Therefore, understanding major driving forces governing soil microbes involved in C-cycling 
will help facilitate sustainable management in agricultural ecosystems. Thus, understanding 
decomposer community dynamics enhance the fundamental knowledge of soil C-cycling. 
A number of studies have been conducted to determine the relationship between soil 
microbial diversity and composition and soil OM decomposition in different ecosystems 
(Bernard et al., 2007; Denef et al., 2007; Moore-Kucera and Dick, 2008; Baumann et al., 2012; 
Sun et al., 2013; Ng et al., 2014; Xu et al., 2014; Zhou et al., 2016). The major challenge is 
identifying the main factor shaping diversity of the decomposer community at a global scale as 
microbial community composition has complex relationships with ecosystem properties. It is 
hard to decouple microbial compositional variability associated with soil factors from 
confounding factors, like topography and climate. Therefore, a long-term soil transplant 
experiment provides a unique resource for studying microbial community diversity, composition 
and functions of different soils under identical climate, topography and agronomic practices. The 
experimental field was established by transplanting 36 different Chernozemic soils (top soil) 
with diverse physical, chemical and biological properties to a single location. After 
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transplantation, the soils were continuously cultivated to wheat (Triticum aestivum) under two 
levels of N fertilizer (0 and 60 kg N ha-1) for 23 yr. Crop residue removal was a routine practice 
conducted in the transplanted field. Therefore, 23 yr of limited residue retention may have 
created C limited condition in the soils. In addition to residue removal, long-term continuous 
wheat cultivation may have depleted soil available nutrients for plant and microbial utilization 
exacerbated in the soils managed with 0 kg of N fertilizer. Despite difference in abundance and 
community composition of the soil microbial communities measured by PLFA and DNA 
sequencing after 22 yr post transplantation, I hypothesized that there was an active subset of the 
broader community that dominated C-cycling that was more similar across different soils in 
response to common environmental conditions and management. This hypothesis was tested by 
conducting a SIP study. 13C labelled cellulose was used as the carrier molecule and 13C tracer 
molecules were tracked in PLFA and microbial DNA to gain a better understanding of active C 
assimilation populations present in the transplanted soils. Investigations in 13C assimilated PLFA 
and DNA allowed the identification of metabolically active microbial decomposer communities 
in different transplanted Chernozemic soils. The objectives of this study were to: (1) observe the 
fate of soil incorporated 13C labeled cellulose and characterize active microbial population during 
incubation and (2) observe the variations in 13C labeled cellulose decomposition rates in N 
fertilized soils and unfertilized soils. 
 5.4. MATERIALS AND METHODS 
5.4.1. Soils for the study 
The soils for the SIP study were obtained from the long-term soil quality experiment located 
at AAFC, Lethbridge, AB, Canada. A detailed description of the establishment of the 
transplanted field experiment can be found in Chapter 3 and 4. Briefly, top soils of 36 different 
Chernozems obtained from various donor sites were deposited on the experimental field from 
which the Ap and B horizons had previously been removed. These transplanted soils had 
variable physical, chemical and biological properties related with soil origin and land use legacy. 
After transplantation, soils were maintained under identical climatic, topographic and agriculture 
management conditions. From this experiment, four soils were selected including their +/- N 
fertilizer treatments based on the 2012 field experiment analysis. Specifically, the cereal 
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cultivated (CC) and pastureland (PL) soils with inherently high fertility, a soil that had a history 
of long-term manure application at a recommended rate of 30 t ha-1 (RM), and dryland soil from 
a tilled bare fallowed (DTF) field with low fertility were chosen for the study. A detailed 
description of the selected soils can be found in Table 5.1. According to the 2012 PLFA analysis, 
soils with the highest inherent fertility (CC and PL) displayed higher total, bacterial and fungal 
abundances compared to other soils but had different microbial community structure profiles. In 
the four soils selected, N fertilizer application did not significantly affect microbial abundance. 
The CC and PL soils were selected as they had comparatively similar fertility levels and 
microbial biomass. The total C (TC) content of RM soils was lower than high fertility soils (CC 
and PL) and higher than the DTF soil. Further, the DTF soil with low TC, which was originally 
obtained from a bare fallow land that had been subjected to dryland tillage, had the lowest 
microbial biomass among the selected soils (please refer to Chapter 3 for microbial analysis). A 
preliminary study (60 d) was conducted using the 2012 soil samples to determine the rate of C 
needed and appropriate length of incubation, determined by the respiration response to cellulose 
amendment. 
Soil samples (0- to 10-cm depth) were collected in Fall 2013 from replicate (n=3) CC, PL, 
DTF and RM plots, including both N fertilized and unfertilized split-plot treatments. Six sub 
samples were obtained from each replicate plot, bulked and sieved (< 2 mm). Before applying 
the cellulose treatments, soil samples were pre-incubated for seven days at 20ºC to achieve a 
biological steady state by mineralizing readily available C. Nine replicates from each N fertilizer 
level of a particular soil were prepared for the incubation (4 types of soil× 2 levels of N× 3 field 
replicates× 3 destructive sampling dates (0, 30 and 78 d)). For this, soils (15 g (d.w.) for each 
microcosm) were incubated in the dark at 70% (w/w) field capacity for a week.  
5.4.2 Application of 13C labelled cellulose 
13C labeled cellulose was used as the C source. The cellulose substrate was obtained as a 
ground powder, extracted from the potato plant (Solanum tuberosum) and was uniformly labelled 
(>97 atom%) (IsoLife Company, Wageningen, NL). Half of the soil samples were treated with 
13C labelled cellulose at a rate of 0.5 g cellulose kg-1 soil which is equivalent to 0.22 g of C kg-1 
of soil. Each soil sample (15 g) was amended with 13C cellulose which provides 3.3 mg of C and 
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mixed thoroughly. Control microcosms were prepared without cellulose. Descriptions of the 
treatments are illustrated in Fig. 5.1. 
5.4.3. Incubation conditions 
13C cellulose treated and control soils were packed as microcosms in 100 mL beakers with 
equal density and placed in a 1 L Mason jars containing rubber septa on the lid for gas sampling 
and flushing. The jars were flushed with ultra-zero air (CO2 free) (Praxair Specialty Gases, 
Edmonton, AB) for 7 min at a rate of 1 L min-1 after sealing the jar containing a microcosm. 
Flushed jars containing microcosms were incubated for 78 d (Adaptis a1000, Conviron, 
Winnipeg, MB). During incubation, microcosms were held at a constant temperature (20ºC) and 
two Tinytag ULTRA 2 data loggers (Gemini Data Loggers Ltd., Chichester, UK) were used to 
monitor the temperature. The moisture content of the microcosms was maintained at 70% field 
capacity (w/w) and monitored and adjusted by weight at the time of each gas sampling. 
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Table 5.1. Description and background information of selected transplanted soils. 
Soil origin Soil# Soil zone Soil 
texture 
Soil characteristics 
Cereal cultivated (CC) 8 Black Clay loam Highest soil inherent fertility, land was a native grassland 
until 1982 and continuous cereal production 
Pastureland (PL) 9 Black Clay loam Highest inherent fertility, native pastureland 
Dryland tilled fallowed (DTF)
  11 Dark Brown Clay loam Low inherent fertility, continuous dryland tilled and 
summer fallowed since 1911, obtained from a pathway to 
an experimental field 
Manured (30 t ha-1) (RM) 22 Dark Brown Clay loam Wet manure was applied 30 tons ha-1 since 1973 and 
continuous dryland barley cultivation 
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Fig. 5.1. Illustration of treatment allocation of the 13C SIP study. CC (cereal cultivated) PL 
(pastureland), DTF (dryland tilled fallowed) and RM (30 t ha-1 manured). 
5.4.4. Measurements of CO2 concentration and 13C cellulose mineralization 
Organic matter and 13C cellulose mineralization were assessed by measuring 12CO2 and 
13CO2 in the headspace of the microcosm at various times during incubation. Thirty-five 
milliliter gas samples were obtained from the jar’s head space using a syringe (35 mL), 
compressed to 25 mL and transferred to a 12 mL air evacuated Exetainer® (Labco Inc, 
Lampeter, UK) (evacuated to 0.007 kPa). Immediately following 13C cellulose addition, the head 
space of the jar was frequently flushed with ultra zero air to prevent anaerobic conditions from 
developing and gas sampling was done prior to each flushing. Gas samples were obtained at 1, 2, 
4, 7 and, 10 d, and once a week thereafter until 78 d. Samples were stored at room temperature 
until analysis.  
Gas samples were analyzed for total CO2 (12CO2 and 13CO2) concentration using a gas 
chromatograph (GC-FID) (Varian Canada Inc. Mississauga, ON). To determine the isotopic ratio 
(12C/13C), gas samples were analyzed using a PICARRO CRDS analyzer (G2201-I, Santa Clara, 
CA). Prior to analysis, samples were diluted using ultra zero air accordingly to acquire the 
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sensitive measuring range of PICARRO CRDS analyzer. To obtain CO2 concentration, 
headspace volume was calculated by subtracting soil and beaker’s volume from jar volume. Total 
OM mineralization rate was calculated by calculating total CO2 emitted at each sampling time 
and calculating cumulative emissions through the entire incubation period. Carbon dioxide 
concentration was calculated per soil mass and then converted into the amount of C evolved per 
gram soil. The amount of 13CO2 released from the cellulose between 1 and 9 d, 16 and 37 d and 
41 through 78 d periods was estimated using the isotopic ratio measured on days 9, 37 and 78 
respectively, which were applied to total CO2 concentrations based on linear extrapolation of the 
isotopic ratio between the two measured dates. The priming effect (PE) was computed using the 
method described by Guenet et al. (2011) as follows, 
PE = (1 ˗ α) CO2 sample        [Eq. 5.1] 
α = A13C cellulose − Asample
A13C cellulose – Acontrol       [Eq. 5.2]  
   
CO2 sample – mg CO2 kg-1 soil 
Where A13c cellulose is the isotopic abundance of 13C cellulose, Asample is the CO2 in the sample and 
Acontrol is the CO2 in the control atmosphere.  
5.4.5. Determination of active decomposer microbial community 
Soil microcosms were destructively sampled at 0, 30 and 78 d after 13C cellulose addition. 
Sub samples from the microcosms were stored at -80ºC for DNA extraction. The remaining soils 
were stored at -20ºC, freeze dried and ground for PLFA analysis. Total microbial communities 
were explored using PLFA and 16S rRNA gene sequencing at 30 and 78 d. Microorganisms 
containing 13C cellulose were considered as the active decomposer community. 13C found in 
active microbial biomass was derived either through direct assimilation of added 13C cellulose or 
predation on previously 13C cellulose labelled microbes. Tracer 13C molecules were tracked in 
microbial fatty acids at 30 and 78 d.  
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5.4.5.1 PLFA 
Phospholipid fatty acid analysis was carried out to assess the microbial abundance and 
community composition of 13C amended and unamended soils at 30 and 78 d. The PLFA 
extraction method outlined in Section 3.4.3 was followed here. Briefly, the soils were freeze-
dried and ground before the lipid extraction. The lipids were extracted from 4 g of freeze-dried 
soils using chloroform, methanol and phosphate buffer (CH3OH: CHCl3: Phosphate buffer at a 
ratio of 2:1:0.8) and PLFA were isolated using a solid phase extraction column (0.50 g Si; Varian 
Inc., Mississauga, ON). Total fatty acids (12C+13C) were methylated and identified using a GC-
FID (Hewlett Packard 5890 Series II, Hewlett Packard Scientific Instruments, Palo Alto, CA) 
and peaks were identified using fatty acid standard and MIDI software (MIDI Inc., Newark, DE). 
Methyl nonadecanoate (19:0) was used as the internal standard to quantify the peaks.  
The total PLFA was determined by summing all the detected peak areas. Total bacterial 
abundance was quantified by summing the following biomarkers: i14:0, i15:0, a15:0, i16:0, 
16:1ɷ7c, 10Me16:0, i17:0, a17:0, cy17:0, 10Me17:0, 18:1ɷ7 and 10Me18:0, cy19:0 (Bååth and 
Anderson, 2003; Helgason et al., 2010). Gram positive (G+) and G- bacterial group abundances 
were assessed using i14:0, i15:0, a15:0, i16:0, i17:0, a17:0 (Hedrick et al., 2005; Helgason et al., 
2010) and 16:1ɷ7t, 16:1ɷ9c, 16:1ɷ7c, 18:1ɷ7c, 18:1ɷ9c, cy17:0, cy19:0 (Macdonald et al., 
2004; Helgason et al., 2010) biomarkers, respectively. Fungal abundance was determined using 
18:2ɷ6,9 biomarker (Bååth and Anderson, 2003; Helgason et al., 2010). Physiological stress 
indicators were obtained from ratios of cy17:0 to 16:1ɷ7c (stress 1) and cy19:0 to 18:1ɷ7c 
(stress 2) (Grogan and Cronan, 1997). 
To determine active decomposer community composition (13C PLFA) at 30 and 78 d, fatty 
acids were quantified by their C isotope ratio using a Delta PLUS isotope mass ratio spectrometer 
(Thermo Fisher Scientific, Waltham, MA) fixed to a Hewlett Packard 6890 Series IIGC (Agilent, 
Palo Alto, CA) via a GC Combustion-III interface (Thermo Fisher Scientific, Waltham, MA). 
Prior to analysis of every sample, a CO2 sample with known isotopic composition was injected 
as the reference. Further, a mixture of eight fatty acids with known isotopic composition was 
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used as a standard with every batch of samples. Isotopic enrichment of 13C was adjusted for the 
C atoms derived from methanol during the methylation process (Arcand et al., 2016). The 
quantification of 13C enrichment in individual fatty acids was calculated according to the method 
described by Helgason et al. (2014) using the following equations:  
13Cen = (Ft30 –Ft0) × PLFA(total)t30      [Eq. 5.3] 
where PLFA(total)t30 is the concentration of 12C and 13C of an individual fatty acid in the 13C 
cellulose added soils to obtained from GC-FID/MIDI at 30 d (similar for 78 d). The Ft0 fraction 
was from control sample (natural abundance) and Ft30 was for 13C cellulose treated sample and 
computed as:  
F= R/(R+1)         [Eq. 5.4] 
The carbon isotopic ratio was obtained from GC-C-IRMS analysis relative to the VPDB 
standard as follows: 
R = (δ 13C/1000+1) × RVPDB       [Eq. 5.5] 
The percentage of 13C incorporated into individual fatty acid or functional group was 
calculated by dividing 13Cen in individual fatty acid (µg g-1 soil) or the functional group (e.g. G+ 
bacteria) by the total enrichment (total 13Cen) in all fatty acids (µg g-1 soil). 
5.4.5.2 Isopycnic centrifugation and DNA fractionation 
To determine the active microbial community, microcosms from the 30 d sampling period 
were selected. Samples from 78 d were thought to be too confounded through internal recycling 
of the 13C labelled by consumers of 13C scavenged organisms of soil food webs. An incubation 
study conducted by Haichar et al. (2007) using 13C labelled cellulose observed changes in DNA 
profiles between heavy and light DNA fractions from seven days onwards. The changes 
occurring in the heavy fraction DGGE profiles persisted until 30 d. 
 5.4.5.2.1 DNA extraction 
Total DNA was extracted using PowerSoil DNA isolation kit (MO BIO Laboratories, Inc., 
Carlsbad, CA) and DNA was quantified using a Qubit® 2.0 Fluorometer with the Qubit® 
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dsDNA HS assay kit (Thermo Fisher Scientific, Waltham, MA USA). Three technical replicates 
were used to extract the DNA from each microcosm. The final volume of each DNA technical 
replicate was 30 μL.  
5.4.5.2.2 Isopycnic centrifugation and gradient fractionation 
DNA fractionation was conducted following the method described by Dunford and Neufeld, 
(2010) to separate heavy and light DNA fractions. Briefly, 0.5 µg of DNA was mixed with 
gradient buffer (final solution contained 0.1 M Tris, 0.1 M KCl and 1 mM EDTA). DNA 
containing gradient buffer was mixed with 7.163 M CsCl in a sterilized tube to obtain a final 
density of 1.725 g mL-1 (the equation described by Dunford and Neufeld, (2010) was used to 
calculate the volume of gradient buffer needed and the volume of CsCl required is dependent on 
the density of the stock solution). The DNA containing solution was mixed by inverting 10 
times. Using a sterilized pasture pipette, the DNA mixture was gently transferred into a sterilized 
polypropylene (5.1 mL) ultracentrifuge tube (Beckman Coulter Canada, LP, Mississauga, ON, 
Canada) to the tube shoulder. After filling all the tubes, the mass of each tube was measured 
precisely to two decimal points. Based on the mass, tubes were paired within 0 to 10 mg weights 
to balance during centrifugation. Following the manufacturer’s instructions tubes were sealed 
using a tube topper. Using a Vti 65.2 (Beckman Coulter Canada, LP, Mississauga, ON, Canada), 
tubes were centrifuged at 44,100 rpm for 40 hr at 20ºC.  
Immediately following centrifugation, tubes were gently removed from the rotor and 
subjected to gradient fractionation. A sterile 60 mL syringe with a 2.5 cm needle was filled with 
sterilized bromophenol blue (dd H2O) solution and loaded into the pump and the flow rate was 
adjusted to 425 μL min-1. A centrifuge tube was gently fixed to a clamp and the bottom edge was 
carefully pierced to allow collection of the DNA fractions by displacement. Each fraction was 
collected into a sterile tube and the tube was replaced once in every minute. At the end, there 
were 12 fractions with 425 μL from each sample. The density of each fraction was determined by 
measuring the weights of triplicate 100 μL aliquots and corrections were done by comparing 
with equal volumes of water weight (Neufeld et al., 2007; Dunford and Neufeld, 2010). Density 
values were used to separate light and heavy fractions. DNA precipitation was done by adding 1 
μL (20 μg) of glycogen (Invitrogen™ UltraPure™) and 2 mL of filter sterilized polyethylene 
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glycol solution (30% polyethylene glycol 6000, 1.6 M NaCl) to each fraction and mixing by 
inversion. The mixture was incubated overnight at room temperature to precipitate the DNA. 
Centrifugation was done at 13, 000 g rpm at 20ºC for 30 min to separate the DNA pellet from 
gradient buffer CsCl solution which was discarded. The pellet was washed with 500 mL 70% 
ethanol and centrifuged at 13, 000 g rpm at 20ºC for 10 min. After discarding the supernatant, 
the DNA pellets were dried at room temperature for 15 min. Then the pellet was suspended in 30 
μL of filter sterilized TE buffer (10 mM Tris-HCl with pH 8, 1 mM EDTA with pH 8 and sterile 
dd H2O). Final DNA concentrations were measured using a Qubit® 2.0 Fluorometer (Thermo 
Fisher Scientific, Waltham, MA, USA) with the Qubit® dsDNA HS assay kit (Thermo Fisher 
Scientific, Waltham, MA USA). These DNA samples were stored at -80ºC. 
Heavy and light fraction identifications were performed using sample density measurement 
(Fig.5.2). The density range for the heavy fraction slightly varied with soil type where the heavy 
fraction had densities of 1.76 to 1.75 g mL-1 in the CC soil, 1.77 to 1.75 g mL-1in the PL soil, 
1.76 to 1.75 g mL-1 in the DTF soil and 1.78 to 1.74 g mL-1 in the RM soil (Fig. 5.2). Despite this 
density variation the fractions 5, 6 and 7 were identified as heavy while 9, 10, 11 and 12 as light 
fractions for all soils. Further, fraction selection was done for 16S rRNA genes using DGGE 
(denaturing gradient gel electrophoresis) fingerprinting. The amplification of 16S rRNA genes 
was performed using primers U341 (with GC-clamp) and U758 primers (Phillips et al., 2006). 
PCR was done in a reaction volume of 50 μL using of 3 μL of DNA from each fraction, 0.5 μL 
each primer (μM), 0.25 μL BSA (10 mg mL-1) (Amersham Biosciences, Mississauga, ON, 
Canada) and 10 μL of Hot Star Master Mix (Qiagen, Mississauga, Ontario, Canada). 
Amplification was performed for 10 cycles of 1 min denaturing at 94ºC, 1 min annealing at 65-
55ºC and 1 min extension at 72ºC, followed by 20 cycles using an annealing temperature of 
55ºC. PCR products were purified and loaded onto an 8% acrylamide gel with a 40-60% 
denaturing gradient and electrophoresis was done at 80 V for 16 h and the resulting gels were 
stained with SYBR Safe and visualized under UV light. DGGE analysis indicated different band 
profiles in heavy and light DNA fractions (Fig. C.1). Particularly, heavy fractions (5 to 7) 
contained bands that did not appear in light fractions. 
127 
 
Based on densities and DGGE analysis, selected heavy fractions (5 to 7) were pooled 
together and V4 region of the 16S rRNA gene was sequenced (amplicon sequencing) at Génome 
Québec (Montréal (Québec) to profile bacterial and archaeal communities. In addition to heavy 
DNA fractions, genomic DNA extracted from all microcosms at 30 and 78 d was also subjected 
to amplicon sequencing (Génome Québec, Montréal, Québec). Sequencing analysis of heavy 
fractions and genomic DNA was performed using the Illumina Miseq platform as described in 
Chapter 4 (Section 4.4.3). 
 
Fig. 5.2. Separation of light and heavy fractions after CsCl density gradient centrifugation and 
DNA distribution. A= CC (cereal cultivated), B= PL (pastureland), C= DTF (dryland tilled 
fallowed) and D= RM (30 t ha-1 manured). 
5.4.5.3. Sequence data processing 
Illumina sequencing data were processed using the QIIME (Quantitative Insights Into 
Microbial Ecology) pipeline (v1.9.1) (Caporaso et al., 2010). Forward and reverse sequences 
were first joined using paired_ends.py script in QIIME (reads were ranged between 873 and 
107360) and the joined sequences were then subjected to quality filtering by removing short 
sequences (< 250 bp) and low-quality reads (Phred score < 20). This criterion resulted in 
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discarding three samples with low-quality data. Following the removal of singletons and 
doubletons, chimeric sequences were removed using the UCHIME algorithm (Edgar et al., 
2011). Closed operational taxonomic units (OTUs) picking was performed using UCLUST 
(Edgar, 2010) and the taxonomic assignment was performed using the RDP classifier (v2.12) and 
Greengenes (v13.8) at a 97% similarity threshold. The rarefaction curves related to whole and 
decomposer community are displayed in Figs C.4 and C.5.  
Alpha diversity of the bacterial communities was evaluated using Phylogenetic diversity, 
Chao 1 and observed species metrics within QIIME. Shannon diversity index, OTU richness, and 
inverse Simpson diversity indices were computed using the Vegan package in R statistical 
software (R i386 3.2.3) (https://www.r-project.org/). Beta diversity was conducted using 
weighted and unweighted UniFrac matrices (Lozupone and Knight, 2005) generated in QIIME 
followed by principle coordinate analysis (PCoA).  
5.4.6. Statistical analysis 
ANOVA and the MIXED procedure in SAS 9.3 (SAS Institute Inc, NC, USA) were used to 
identify the statistical differences between the different transplanted soils, the N fertilizer history, 
and 13C cellulose application rates. The block and the interaction between block and transplanted 
soil type were considered as random effects and soil type and N fertilizer rate as fixed effects. 
Statistical significance was declared at Type III error rate of P = 0.05 with a 95% confidence 
interval. For analysis of interaction effects, the multiple mean comparison method LS means 
(Least Square Means) was used. If the main treatment effects were significant, LSD (Least 
Square Difference) was conducted. 
Principal Coordinate Analysis (PCoA) for total PLFA and 13C PLFA biomarkers was 
computed using PCOrd software version 6 (Gleneden Beach, OR 97388, USA). A multi-
response permutation procedure (MRPP) test was conducted to identify between group 
differences among the transplanted soils, N fertilizer levels, and 13C cellulose rate. Permutational 
Multivariate Analysis of Variance (PERMANOVA) analysis was conducted using the Origin 
statistical software package (OriginLab, Northampton, MA) to observe the significant interaction 
effects between the studied factors on whole and decomposer microbial communities of soil 
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measured through PLFA and OTU relative abundance profiles. Statistical differences of the 
clustering were tested using analysis of similarity (ANOSIM) within the QIIME platform.  
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5.5. RESULTS 
5.5.1. Cumulative CO2 evolved in the soil microcosms 
Soil origin (P<0.0001) and history of N fertilizer application (P<0.003) were the main 
driving forces of OM mineralization in transplanted soils at the beginning of the incubation (3 d). 
The effect of 13C cellulose addition became significant (P<0.001) from 6 d until the end of the 
incubation (78 d). Daily respiration rate peaked on 1 d after incubation and gradually declined 
overtime. The daily respiration emissions were significantly influenced by soil origin and N 
fertilizer history, where higher emissions were found in soils with a history of N fertilizer 
application. At the beginning of the incubation, the PL soil had the highest daily respiration rate 
(Fig 5.3). Later on, RM soil had a similar CO2 flux indicating variable respiration responses with 
soil origin and past land use history. 
The cumulative C-CO2 emission at 78 d was significantly affected by soil origin and past 
land use history (P<0.001), N fertilization history (P<0.02) and 13C cellulose application 
(P<0.0001) and was greatest at 78 d in PL and RM soils (Fig 5.3A). High fertility CC and PL 
soils were estimated to have mineralized greater amounts of added cellulose at higher rate 
compared to DTF and RM soils (Fig. 5.3B). For all of the soils, cellulose mineralization reached 
a plateau after 21 d. One day after 13C cellulose application, DTF soils had the lowest emission 
rate; however, from the second day onwards it had cumulative CO2 emissions that were 
comparable to CC and RM soils. Cumulative CO2 emissions were greater in soils with a history 
of N fertilizer application and the pattern of emissions varied among the four transplanted soils 
(Fig. 5.4). 
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Fig. 5.3. Cumulative mineralization for A) soil OM and cellulose and B) cellulose in 
transplanted soils. CC (cereal cultivated) PL (pastureland), DTF (dryland tilled fallowed) and 
RM (30 t ha-1 manured). 
 
Statistical analysis of individual soils revealed variable responses towards N and C (13C 
cellulose) amendment at different stages of incubation without any N rate × 13C interaction 
effect. In all soils, respiration of 13CO2 was significantly influenced by soil origin at the 
beginning (6 d to 9 d period) (Fig. C.2). Nitrogen fertilizer application did not have any influence 
on CC soil 13C cellulose mineralization (Fig. 5.4A). However, regardless of N history (N- and 
N+), microcosms that had C (13C cellulose) addition showed greater respiration than the control 
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microcosms (13C cellulose unamended), demonstrating N as the most limiting factor in the CC 
soil. In contrast, PL soil microcosms with a history of N fertilizer application had higher 
cumulative respiration following 13C cellulose application (Fig. 5.4B). The lowest cumulative 
CO2 emission was observed in low fertility DTF soil (Fig. 5.4C). Gains in soil OC content over 
the 21 yr post transplantation might have fulfilled the C need of the DTF soil microbial 
community; however, microcosms with a history of N fertilizer application had higher 
cumulative respiration after 13C cellulose addition. A similar response to N fertilizer was 
observed for RM soil (Fig. 5.4D). 
High fertility soils (CC and PL) with C (13C cellulose) addition and N fertilizer application 
history had reduced respiration, indicating incorporation of C into microbial biomass (Table 5.2). 
13C cellulose decomposition in the CC soil was less impacted by N fertilization compared to the 
PL soil. Respiration of low fertility DTF soil relied on 13C cellulose application and N history as 
the microbial community was apparently C and N limited for their metabolism. The RM soil was 
more dependent on N history (N fertilizer application) with 13C cellulose addition.13C cellulose 
use efficiency was pre-determined by soil fertility level, which was related to the origin and N 
fertilization history (Table 5.3). Soil respiration in the RM and DTF soils appeared to be 
influenced mainly by 13C cellulose application; when supplied with N fertilizer and 13C cellulose, 
respiration rates were increased in both soils. Specific respiration [i.e., soil respiration with 
respect to TC and 13C amounts] was significantly influenced by soil origin/land use history 
(P<0.0001) and N fertilization history (P<0.01) (Table 5.4). A greater percentage of C was 
respired in low fertility DTF soil (6%) followed by RM soil (4%) compared to high fertility soils 
CC (2%) and PL (2%) when considered with TC amounts. 
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Fig. 5.4. Cumulative mineralization of soil OM in transplanted soils with N fertilizer history and 13C cellulose application. 
A) CC (cereal cultivated) B) PL (pastureland), C) DTF (dryland tilled fallowed) and D) RM (30 t ha-1 manured).  
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Table 5.2. Effect of N fertilizer application history on cumulative mineralization.  
Soil
†
 
origin 
13Cellulose unamended 13Cellulose amended 
N history N effect 
% 
N history N effect 
% 
N
-
 N
+
 N
-
 N
+
 
CC 775 898 16  966 1014 5 
PL 863 1102 28  984 1205 23 
DTF 750 902 20  762 999 31 
RM 979 1106 13  970 1129 16 
      †CC (cereal cultivated) PL (pastureland), DTF (dryland tilled fallowed) and RM  
 (30 t ha-1 manured). 
  
Table 5.3. Effect of 13C cellulose application on cumulative mineralization.  
Soil
†
 
origin 
No N history  with N history 
13
C cellulose C effect 13C cellulose C effect 
0C 0.2C 0C 0.2C 
  C-CO2 mg kg-1 soil % C-CO2 mg kg-1 soil % 
CC 775 966 24 898 1014 13 
PL 863 984 14 1102 1205 9 
DTF 750 762 2 902 999 11 
RM 979 970 -1 1106 1129 2 
        †CC (cereal cultivated) PL (pastureland), DTF (dryland tilled fallowed) and RM  
(30 t ha-1 manured). 
 
Table 5.4. Specific soil mineralization in relation to soil TC. 
Soil
†  
origin 
N
- N+ 
13
C cellulose 13C cellulose 
0C 0.2C 0C 0.2C 
  � 𝑪𝑪 𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓𝒓 𝒎𝒎𝒎𝒎/ 𝒌𝒌𝒎𝒎 𝒓𝒓𝒓𝒓𝒓𝒓𝒔𝒔(𝑻𝑻𝑪𝑪 + 𝟏𝟏𝟏𝟏𝑪𝑪 𝒓𝒓𝒂𝒂𝒂𝒂𝒓𝒓𝒂𝒂)𝒎𝒎𝒎𝒎/ 𝒌𝒌𝒎𝒎 𝒓𝒓𝒓𝒓𝒓𝒓𝒔𝒔� × 𝟏𝟏𝟏𝟏𝟏𝟏 
CC 1.7 2.1 1.9 2.1 
PL 1.7 1.9 2.1 2.4 
DTF 5.8 5.8 6.3 6.9 
RM 3.6 3.5 4.0 4.0 
         †CC (cereal cultivated) PL (pastureland), DTF (dryland tilled fallowed) and RM  
(30 t ha-1 manured). 
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Most of the time, soils experienced a negative priming response to cellulose addition 
indicating preferential substrate utilization after receiving cellulose, which is an easily 
degradable substrate. During days 6 to 9, negative priming was observed for all soils without any 
significant influence from the soil origin and N history (Fig. 5.5). A similar trend was found for 
30 to 37 d period. However, PL soil without N history had a trend of positive priming (i.e., did 
not differ significantly from other treatments) which emphasized microbial reliance on soil OM. 
At the end of the incubation study (60 to 78 d), a significant interaction effect of soil origin and 
N history on priming effect (PE) of CC and RM soils was observed. A positive priming effect 
was observed in N unfertilized CC soil while N fertilizer application prevented the microbial use 
of soil OM. RM soil with a N history had higher negative PE than soil without a N history. 
Organic matter mineralization differences were mainly governed by microbial community 
differences. An examination of microbial community compositions and diversity provided better 
explanations for observed functional differences in the transplanted soils. 
5.5.2. Microbial community dynamics after 13C cellulose application  
PLFA analysis revealed no significant effects of sampling date, N fertilization history, soil 
origin or 13C cellulose application on total microbial biomass, G- bacteria and fungi abundances 
of transplanted soils. The relative abundance of fungi was higher at 30 d (Fig.C.4) indicating a 
dominant role played by fungi in cellulose decomposition. The abundance of bacteria and 
Actinobacteria did not vary at sampling days 30 and 78 with N fertilization history or 13C 
cellulose application. Bacteria (30 d P<0.04, 78 d P<0.001) and Actinobacteria (30 d P<0.001, 
78 d P<0.001) abundances were significantly different between soils of different origin at each 
sampling day and followed similar patterns. Low fertility DTF soil contained the lowest bacterial 
and Actinobacteria abundances compared to other soils (Fig. 5.6) while Actinobacteria 
abundance was greatest in CC soil at both sampling days. 
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Fig. 5.5. Daily priming effect on soil OM decomposition at 6 to 9 d, 30 to 37 d and 60 to 78 d periods. Black to grey colors represent 
the fertility gradient from high to low. CC (cereal cultivated) PL (pastureland), DTF (dryland tilled fallowed) and RM (30 t ha-1 
manured) soils. N history N- -0 kg N ha-1 and N+ -60 kg N ha-1. 
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Variations in G+ bacteria with soil origin at 30 d and the interaction effect of soil origin and 
13C cellulose rate at 78 d were evident (Fig. 5.6). In CC and PL soils, G+ bacteria abundance 
increased at 78 d in microcosms that cellulose unamended. However, with 13C cellulose 
application to the PL soil, G+ bacterial abundance declined and became comparable to DTF and 
RM soils at 78 d. In the DTF and RM soils, G+ bacteria were less responsive and remained 
steady with sampling dates and cellulose application. There was no response of G- bacterial 
biomarkers to 13C cellulose application, N fertilizer application history or sampling date. 
Physiological stress 1 biomarkers significantly varied with soil origin without any effects from 
cellulose and N fertilizer additions (Fig. C.3). 
Microbial community compositions varied among microcosms of different soil origins and 
had varied responses to N fertilizer history and 13C cellulose application (Fig. 5.7). Based on 
MRPP analysis, heterogeneity among microbial community composition with soil origin 
(A=0.001, P<0.00001), 13C cellulose application (A=0.07, P<0.000001) and sampling period 
(A=0.04, P<0.0001) were apparent without any difference with N fertilizer history (A=0.001, 
P=0.34). High fertility, PL, and CC soil community compositions were closely arranged in the 
ordination demonstrating inherent soil fertility level as a key determinant of microbial 
community composition. In CC soil, microbial community composition remained steady with N 
history and 13C cellulose application over time. Replicates of PL soil demonstrated differences 
which may be due to the patchy distribution of nutrients (e.g. from cow dung patches) in 
pastureland. Regardless of 13C cellulose application, N history altered the microbial community 
structure at each sampling date for PL soil. The PL soil responded to 13C cellulose application by 
a shift in the microbial community composition detected at 30 d. Microbial community 
differences due to 13C cellulose application diminished at 78 d as decomposer communities 
triggered by the initial cellulose application did not persist with cellulose depletion. Microbial 
community compositions changed between 30 d and 78 d in low fertility DTF soil, even when 
cellulose was not applied. 13C cellulose addition created differences in DTF soil microbial 
community structures in both N fertilizer levels (0 and 60 kg N ha-1). Within 30 d, the microbial 
community was similar in cellulose amended and non-amended soils with a history of N 
fertilizer addition; however, communities diverged at 78 d which may be due to variations in C 
assimilation pathways following C amendment. Microbial community composition of N 
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unfertilized soil altered with cellulose application, likely because the microbial community was 
more responsive to added C in the N control soil. This divergence in N unfertilized soil did not 
persist at 78 d. Similar trends of DTF were observed for RM soils both sampling dates. 
 
Fig. 5.6. Abundance of total PLFA and different microbial groups (bacteria, G+, G-, 
Actinobacteria and fungi) at 30 and 78 d. Means with different letters (A to C for 30 d and a to 
c for 78 d) are statistically different at P<0.05. CC-cereal cultivated, PL- pastureland soil, 
DTF- dryland tilled fallow and RM- manured 30 t ha-1 soils. 
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Fig. 5.7. Principle coordinate analysis of soil microbial PLFA (total community) profiles of 13C 
amended and control soils at 30 d and 78 d. CC-cereal cultivated, PL- pastureland soil, DTF- 
dryland tilled fallow and RM- manured 30 t ha-1 soils. 
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5.5.3. Active decomposer community dynamics  
Active (13C labelled) decomposer communities identified at 30 d and 78 d had different 
microbial profiles. The 13C cellulose addition did not alter the total microbial abundance of a 
particular soil between 30 d and 78 d (P=0.31). However, 13C cellulose created differences in 
total microbial abundances between soils of different origin at 30 d (P<0.0058). Nitrogen 
fertilizer history further influenced total microbial abundance at 30 d (P<0.04) in the CC and 
DTF soils. The high fertility CC soil had the highest total active decomposer abundance (Fig. 
5.8), while PL soil had lowest, indicating an effect of soil origin on the decomposition of 13C 
cellulose. 13C cellulose application appeared to create temporary variations among soils and 
differences in total microbial abundance that did not persist at 78 d. Similar trends and patterns 
were observed for total bacteria, and G+ and G- bacterial groups. 
The fungal decomposer community was steady throughout incubation and did not vary with 
soil origin. A higher fungal population at 30 d than 78 d indicated an initial assimilation of 13C 
cellulose by fungi. Other than the PL soil, trends of increased fungal abundance at the 30 d 
sampling was further supported by a relative abundance of different biomarkers (Fig. C.5).  
The distribution of 13C derived from 13C labeled cellulose within microbial groups varied 
depending on soil origin. 13C cellulose incorporation was significantly influenced by soil origin 
at 30 d (P<0.01) without any difference at 78 d (P=0.8). The high fertility CC (53%) and 
manured RM (49%) soil bacterial populations contained the highest concentrations of 13C at 30 d 
(Fig. 5.9), whereas high fertility PL (41%) and low fertility DTF (42%) soil bacterial 
communities contained lower 13C amounts and varied with soil origin (P<0.005).  
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Fig. 5.8. Abundance of total 13C PLFA and active decomposer microbial groups (bacteria, G+, 
G-, Actinobacteria and fungi) during 30 and 78 d. Means with different letters (A to C for 30 d 
and a to c for 78 d) are statistically different at P<0.05. CC-cereal cultivated, PL- pastureland 
soil, DTF- dryland tilled fallow, RM- manured 30 t ha-1 soils. 
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Fig. 5.9. Proportion of 13C derived C within bacteria and fungi communities at 30 d and 78 d. 
Means with different letters (A to C for 30 d and a to c for 78 d) are statistically different at 
P<0.05. CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled fallow, RM- manured 
30 t ha-1 soils. 
 
Distinct 13C labelled active decomposer community compositions were associated with soil 
origin and land use history (Fig. 5.10). Differences in decomposer community compositions with 
N fertilizer history and sampling day were apparent. The MRPP analysis further confirmed the 
variability between microbial communities with soil origin (A=0.3, P<0.0001), N history 
(A=0.009, P<0.18) and sampling day (A=0.05, P<0.002). However, these community 
differences were predetermined by soil origin, as variable community responses were associated 
with N fertilizer history and 13C cellulose application for each soil. The active (13C labelled) 
decomposer microbial community of CC remained stable with both N fertilizer histories (0 and 
60 kg N ha-1) at 30 d. When incubation continued (78 d), CC soil had diverse decomposer 
communities related to N history. A similar pattern was found in RM soil microcosms. The 
composition of the decomposer community of PL soil was relatively distinct between N history 
levels at both sampling days. Low fertility DTF soil decomposer communities varied with 
sampling day and did not differ between soils with different N fertilizer history.  
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Fig. 5.10. Principle coordinate analysis of active decomposer microbial (13C assimilated) 
PLFA profiles at 30 d and 78 d. CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled 
fallow and RM- manured 30 t ha-1 soils. 
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Illumina sequencing analysis of 16S rRNA gene showed similar trends as those found for 
PLFA. The community differences between high fertility soils (CC and PL) from DTF and RM 
soils were clearly visible in the sequencing analysis (Fig. 5.11) and diverged with 13C cellulose 
application. However, the degree of community differences varied with soil origin. Also, the 
effect of N fertilization on soil communities varied with soil origin where N fertilizer application 
had noticeable alterations in high fertility soil (CC and PL) communities. The PL soil microbial 
community from microcosms without N fertilization background and cellulose application were 
closely related to DTF and RM soils. Analysis of similarities (ANOSIM) of microbial 
community structure indicated microbial community differences with respect to the soil origin 
(P<0.001) and 13C cellulose rate (P<0.001). The PERMANOVA highlighted a significant 
interaction effect (P<0.023) of soil origin × N fertilizer application history × 13C cellulose 
addition × sampling day on the transplanted soil microbial communities. Significant differences 
in the microbial composition of each transplanted soil with 13C cellulose addition and sampling 
day were detected using a pairwise test conducted through PERMANOVA analysis.  
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Fig. 5.11. Principle coordinate analysis of total microbial profiles at 30 d and 78 d and based 
on 16S rRNA genes sequencing. CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled 
fallow and RM- manured 30 t ha-1 soils. 
 
As a part of the total soil microbial community captured by sequencing the 16S rRNA genes 
extracted from the soil, a subset of microbial groups actively participated in 13C cellulose 
decomposition and was studied at 30 d. Decomposer community structures were different from 
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their total communities at 30 d and distinct to each transplanted soil (Fig. 5.12). The long-lasting 
effect of soil origin on 13C cellulose active communities was confirmed by PERMANOVA 
analysis (P<0.001) with no detectable impact of N fertilizer application history. Pairwise 
analysis of N fertilizer application for each soil provided further evidence of no N fertilizer effect 
on the active decomposer communities. However, visual assessment of microbial profile 
ordinations indicated the active decomposer community of N fertilized soil was different from 
that of the control (0N). Higher variability was found within the replicates of soils with N 
fertilizer application. The active decomposer communities of CC, PL and RM soils without N 
application were distinctly different from each other at 30 d. Further, the active decomposer 
community of unfertilized PL soil was drastically different from the remaining soils.  
Decomposer community diversity was investigated using a number of species observed 
(Sobs), Shannon and inverse Simpson indices (Table 5.5). The Sobs varied with soil origin and N 
fertilizer history. Species richness was high in high fertility PL soil without a N history. High 
fertility CC soil with no N fertilizer addition had the lowest species richness among transplanted 
soils. In CC and DTF soils, microbial species richness and evenness increased with N fertilizer 
application, whereas the decomposer community of RM soil was unaffected by N history. 
Nitrogen fertilizer application had a larger impact on decomposer diversity of high fertility PL 
soil where soil with N history contained less diverse decomposer community. The community 
differences were apparent at different taxonomic levels. 
 
 Table 5.5. Microbial diversity of the 13C labelled active decomposer community at 30 d.  
Diversity  CC PL DTF RM 
N
- N+ N- N+ N- N+ N- N+ 
Sobs 429 681 712 498 552 654 565 500 
Shannon 3.7 4.1 4.8 3.7 3.8 4.3 3.6 3.4 
1/D
† 21 30 59 24 25 37 18 16 
 †Inverse Simpson 
    CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled fallow, RM- manured 30 t ha-1. 
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Fig. 5.12. Principle coordinate analysis of active decomposer community profiles at 30 d based 
on 16S rRNA genes sequencing. CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled 
fallow and RM- manured 30 t ha-1 soils. 
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The relative abundance of phyla shifted from 30 to 78 d (Fig.5.13). These community 
composition changes continued to the end of incubation. Major changes were confined to 
Proteobacteria and Actinobacteria at 30 d. This was further confirmed by the sequencing data 
for heavy (HF) DNA fractions (active cellulose decomposer C community) obtained from 
isopycnic centrifugation (HF in Fig. 5.13). Most of the 13C cellulosed amended microcosms 
without N history had lower Acidobacteria populations. The cellulose decomposer community of 
high fertility CC and PL soils were mainly composed of the Proteobacteria and were not 
affected by a history of N fertilizer addition. Low fertility DTF soil Proteobacteria abundance 
did not shift with N addition or C supplement, whereas Proteobacteria abundance remained 
stable with N history. The differences in Actinobacteria community abundance according to N 
history and 13C cellulose addition were determined by soil origin.  
Actinobacteria and Proteobacteria abundances and compositions in the active decomposer 
communities suggest that soil origin is the major controlling factor of the C-cycling and 
decomposition functions in soils (Fig. 5.14 and Fig. 5.15). Shifts in Actinobacteria and 
Proteobacteria composition emphasize the effect of a history of N fertilizer application on 
cellulose decomposition. Streptomycetaceae were the most abundant Actinobacterial family 
present in all the soils except for unfertilized PL soil which was dominated by Gaiellaceae and 
Actinomycetales. The Actinobacteria diversity of unfertilized PL soil was greater than N 
fertilized soil. Decomposer Actinobacteria and Proteobacteria diversity increased in unfertilized 
PL and DTF soils. The opposite trend to PL soil was found in CC ad RM soils where long-term 
N fertilization increased the active decomposer Actinobacteria diversity. Unlike in 
Actinobacteria, Proteobacteria, evenness was lesser influenced by N history. Regardless of N 
history, CC and RM decomposer Proteobacteria community was dominated by 
Xanthomnadaceae. Similarly, in DTF and RM soils, more than 20% of the active decomposer 
Proteobacteria community was compromised of Myxococcales. 
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Fig. 5.13. Relative abundance of microbial phyla at A) 30 d and B) 78 d. C- - 0 g 13C kg-¹soil 
and C+- 0.2 g 13C kg-¹soil, N- - 0 kg N ha-1 and N+ - 60 kg N ha-1, HF- 13C assimilated active 
community.CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled fallow, RM- 
manured 30 t ha-1. 
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Fig. 5.14. Most abundant (> 1%) Actinobacteria families and diversity in active decomposer community at 30 d.  
CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled fallow, RM- manured 30 t ha-1. 
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Fig. 5.15. Most abundant (> 1%) Proteobacteria families and diversity in active decomposer community at 30 d.  
CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled fallow, RM- manured 30 t ha-1. 
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5.6. DISCUSSION 
Results of the SIP cellulose decomposition study indicated a prolonged effect of soil origin 
and land use legacy on C dynamics of the transplanted soils. Land use legacy and soil origin 
effects were apparent both through the differences in the total community and in active 
decomposer communities (13C decomposer community) of transplanted soils (Figs. 5.7, 5.10, 
5.11, 5.12 and 5.13). In the total microbial community, total PLFA, bacterial and fungal 
abundances and bacteria: fungi ratio remained stable with cellulose addition and history of N 
fertilizer application at both sampling days (30 and 78 d) but varied with soil origin and land use 
legacy (Fig. 5.6). Similar microbial biomass between cellulose amended and unamended soils at 
30 and 78 d did not emphasize the lack of microbial biomass response to added cellulose at a 
later stage of cellulose decomposition. However, it is expected that microbial biomass would 
respond to added cellulose at the very beginning and likely returned to their original state over 
time (30 d). In agreement with Zhao et al. (2014), the current research found no difference in 
abundance of total PLFA, bacterial and Actinobacteria with N fertilizer application at both 
sampling days (30 and 78 d). The total microbial community composition changes persisted 
prolonged and evident through dissimilarities between the microbial community structures 
associated with 13C cellulose addition and N fertilizer application history (Figs. 5.7 and 5.11). 
Similar effects of soil origin and land use legacies have also been found in various ecosystems 
including forest, grassland, intensively managed wheat, and bioenergy crop production (corn and 
switch grass) systems (Foster et al., 2003; Jangid et al., 2011; Liiri et al., 2012; Kallenbach and 
Grandy, 2015) through soil microbial community composition (Jangid et al., 2011) and 
enzymatic activities (Kallenbach and Grandy, 2015) which influence soil nutrient cycling (Foster 
et al., 2003; McLauchlan, 2006; Liiri et al., 2012; Kallenbach and Grandy, 2015). Buckley and 
Schmidt (2001) found similar microbial community compositions between cultivated land and 
nearby abandonment land left for seven years without cultivating. Further, a study conducted at 
long-term ecological research site in Michigan identified more similarities between soil 
microbial compositions of early succession grassland (17 yr) to remaining original cropland 
(Jangid et al., 2011).  
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According to 13C PLFA, the active decomposer community varied over time (30 d and 78 d) 
indicating temporal variations in the active community through the decomposition process (Fig. 
5.10). Tardy et al. (2015) also found distinct decomposer communities at different sampling 
times and reported a long-term effect of land use history on the succession of the microbial 
population during wheat straw decomposition. In the current study, the microbial community 
structure differences were more profound in 13C enriched (active decomposer) PLFA and DNA 
at 30 d than 78 d (Figs. 5.10 and 5.12). The variations in the microbial composition with 
cellulose addition and N fertilizer application confirmed the sensitivity of the microbial 
community structures to the current land use. However, distinct microbial communities in each 
soil suggested a strong influence of soil origin and land use history on the impact of current land 
use. Further, these findings confirmed a long-term effect of the inherent soil characteristics (i.e., 
physical, chemical and biological) and land use legacy on soil C dynamics that has persisted 21 
yr after transplanting.  
Differences in the decomposer communities were likely related to the initial fertility level 
and nutrient availability of the transplanted soils. The soil OC and TN are two main factors 
governing soil microbial community structure and functional diversity (Li et al., 2015). 
Physicochemical characteristics of the transplanted soils were highly variable at the time of 
transplanting (Olson et al., 1996; Zvomuya et al., 2008; Janzen, 2012; Yanni et al., 2016). Loss 
of TN, TC, and OC occurred under the new management practices in PL, CC and RM soils. 
Nitrogen fertilizer additions can minimize the reduction of TN, TC, and OC. Low fertility DTF 
soil indicated an increase in OC levels under the current management practices even with a 
limited supply of C (Chapter 3) (Yanni et al., 2016). The observed soil fertility changes 
suggested soil responses to land use changes occurred following the transplantation including a 
shift in the plant community, limited crop residue incorporation and N fertilizer application. 
Although soil chemical properties changed with current management practices, dissimilarities 
between soil physiochemical properties remained comparable to the original soil properties 
before transplantation. Similar to microbial communities, these alterations were predetermined 
by the land use history. Previous studies have also reported lasting effects of land use changes on 
soil C and nutrient contents (Fu et al., 2001; Monkiedje et al., 2006; Barančíková et al., 2016; 
Yanni et al., 2016). For example, Monkiedje et al. (2006) found higher OC and available 
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nutrients (N and P) in cultivated systems compared to native forest land signifying land use 
effects on nutrient availability. Further, conversion of croplands to forests and grasslands 
enhances the soil OM, TN and other nutrients (Fu et al., 2001; Barančíková et al., 2016). The 
aforementioned fertility changes may have affected the soil environment by altering 
physicochemical and microbial community (decomposer community) compositions.  
The above-ground vegetation is strongly associated with belowground components and this 
connection is linked through the soil microbial community (Berg and Smalla, 2009; Kardol and 
Wardle, 2010; Bonito et al., 2014). Shifts in plant community composition have been shown to 
alter the litter quality (Kardol and Wardle, 2010) and host specificity and root exudates (Haichar 
et al., 2008; Huang et al., 2014) resulting in changes in the soil microbial community 
composition. The transplanted soils used in the present study originated from ecosystems and 
soils with diverse inherent characteristics and management histories (Zvomuya et al., 2008) and 
following transplantation, type and quantity of C inputs returning to soils were significantly 
changed as a consequence of new land use practices. Except for the CC soil transplanted from a 
continuous cereal system, other soils had different vegetation covers before the transplantation. 
For example, the PL soil was obtained from a native pastureland which had the highest plant 
diversity compared to CC, DTF, and RM soils. The DTF soil was obtained from a pathway of an 
experimental field, which only had minimum C inputs because the pathways were tilled to 
minimize plant growth, leaving only sparse and periodic weed growth. The RM soil was 
continuously cropped with barley and organic manure was applied through wet manure. After 
transplantation, continuous wheat cultivation changed C inputs to these soil systems. In addition 
to the changes that occurred in the vegetation cover, crop residue was continuously removed 
from the studied field for 23 yr. It has been reported that the removal of crop residues for a 4 yr 
period caused a substantial lost in the amounts of soil OC from the top soil (Chowdhury et al., 
2015). Similarly, reductions in soil OC were observed for CC, PL and RM soils in the present 
study. In agroecosystems, crop residues are the key component of C for soil, and decomposer 
nutrient demands are one of the main factors governing the direction and intensity of new OM 
input decomposition (Rinkes et al., 2013). 
The transplanted soils displayed negative priming at 6 d to 9 d, and 30 d to 37 d except for 
PL soil without N application, indicating a decrease in the decomposition of stabilised soil OC in 
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the transplanted soils (Fig. 5.5). Negative priming during the initial phase of decomposition has 
also been observed in previous studies (Kuzyakov and Bol, 2006; Wang et al., 2015). Negative 
priming is a sign of preferential substrate utilization, where soil microorganisms prefer to 
consume easily degradable compounds over existing soil OM (Fontaine et al., 2003). The 
presence of indigenous highly labile C reduces the PE in soils (van der Wal and de Boer, 2017). 
Similar to the current study, a negative priming (-4%) was observed by Qiao et al. (2016) when 
soils were amended with labile C that had a low C: N ratio. Continuous crop residue removal 
after harvesting reduced the soil C availability for microbial utilization and the remaining 
depleted soil OM. Remaining wheat stubble on the soil surface may slowly incorporate into the 
soil as experiment field is maintained with zero tillage. In addition, semi-arid climatic conditions 
at Lethbridge may have slowed down the incorporation of residues that remained on the soil 
surface (Helgason et al., 2014). Wheat roots decompose at a slower rate compared to aerial parts 
due to the difference in residue composition (Bertrand et al., 2006). In this scenario, the addition 
of 13C cellulose may be preferred by soil organisms over wheat stubble and roots. Preferential 
substrate utilization in transplanted soils was supported by a microbial community shift after 13C 
cellulose application and the resulting differences between total and active decomposer 
community structures observed in the present study (Figs. 5.7 and 5.11). The same phenomena 
have previously been reported in several other studies (Allison, 2012; Dijkstra et al., 2013; Qiao 
et al., 2016). The presence of a good quality substrate released soluble organic compounds, 
resulting in increased heterogeneity of the soil environment, and leading to changes in the 
microbial community (Nicolardot et al., 2007). Positive priming in the unfertilized high fertility 
soils (PL and CC) and N fertilized PL soil began at later decomposition stages. Positive priming 
may have occurred due to the mining of stable C by microorganisms to fulfill their C and N 
requirements after depletion of the added labile 13C cellulose. Likewise, a dynamic shift in PE 
(negative to positive) has also been reported in an incubation study conducted to investigate the 
effect of fresh OM quality on microbial substrate utilization (Wang et al., 2015). Furthermore, 
the addition of fresh OM (cellulose) may have provided adequate energy for microorganisms to 
synthesize extra cellular enzymes which facilitate the decomposition of stable C (Wang et al., 
2015).  
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The influence of long-term N fertilizer application was reflected through variations in the 
microbial composition of both total and active decomposer communities (Figs. 5.7, 5.11, 5.12 
and 5.13). These changes were detected at lower taxonomic hierarchy (Figs. 5.14 and 5.15) but 
were less apparent at a higher taxonomic level (Fig. 5.13). For example, 13C cellulose 
amendment and N fertilizer application influenced Proteobacteria and Actinobacteria 
communities. Except for unfertilized PL soil, family Streptomycetaceae was the dominant 
Actinobacteria family found in the active decomposer community of soils receiving cellulose 
(Fig. 5.14). Streptomycetaceae is known to involve in the later stage of cellulose degradation 
(Kӓmpfer et al., 2006). Regardless of N fertilizer application, the most dominant active 
Proteobacterial family varied with soil origin (Fig. 5.15). For example, Xanthomonadaceae was 
the most abundant Proteobacterial family in the CC and RM soils while Sphingomonadaceae 
and unclassified Myxococcales were commonly found in the PL and DTF soils, respectively. In 
the CC and DTF soils, active Actinobacteria and Proteobacteria diversity were greater in the N 
fertilized soils than those soils that did not receive N. Similarly, active decomposer community 
diversity responses to N fertilization history varied with soil type (soil origin and land use 
history) (Table 5.5). For example, N fertilizer application increased the active decomposer 
microbial diversity and their evenness in CC and DTF soils, while opposite trend was observed 
for the PL and RM soils. Diverse impacts of N fertilizer management on the microbial 
community composition and diversity also have been reported in previous studies (Nicol et al., 
2004; Luo et al., 2015; Yu et al., 2016). Similar to CC and DTF soils, a 33-yr-old long-term N 
fertilized field had a higher microbial diversity than unfertilized soils (Luo et al., 2015). 
Campbell et al. (2010) also found a decrease in the bacterial diversity with long-term (24 yr) N 
fertilization in moist acidic tundra soils. A complex association between N fertilization and the 
active decomposer community composition has been shown, which can be influenced by soil 
factors such as increased available N (NO3- and NH4+) and lower soil pH (Zhang et al., 2008), 
length of N fertilization history (Yu et al., 2016) and fertilizer application rate (Fierer et al., 
2012). These results suggest that the effect of long-term N fertilizer application on the microbial 
diversity is inconsistent across different soil origins and land use histories, due to the complex 
nature of soil fertility and microbial functional characteristics. Variations in the microbial 
composition and diversity might have altered microbial functions including OM mineralization. 
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All these findings demonstrate a lasting impact of soil origin and land use legacy in mediating 
the influence of the long-term N fertilizer application on soil C dynamics. 
Differences in the active decomposer community composition and physicochemical 
properties of the transplanted soils may be the reason for cumulative C-CO2 differences 
following cellulose addition in the transplanted soils (Figs. 5.3 and 5.4). Different microbial 
community structures and mineralization patterns in the transplanted soils were related to fertility 
differences, which resulted in C and/or N limited conditions for microorganisms. Therefore, 
diverse respiration patterns occurred as a result of complex differences in nutrient acquisition 
requirements of microorganisms. For example, soil transplanted from previously uncultivated PL 
(high-fertility) soil had the highest cumulative C-CO2 emission, while low-fertility DTF had the 
lowest emission. A lower cumulative C-CO2 emission in the high-fertility CC soil with greatest 
microbial biomass indicated higher C use efficiency. This may be a result of CC soil adaptations 
to cereal cultivation prior to transplanting. A litter decomposition study conducted by Strickland 
et al. (2009) identified a large impact of C resource history on the decomposition of current litter 
types.  
In addition to differences in cumulative CO2 emissions, OM mineralization had different 
patterns for each soil. Irrespective of the N fertilization history, 13C cellulose addition always 
increased the soil respiration in high-fertility CC soil while in high-fertility PL soil, N fertilizer 
application alone enhanced respiration. Substrate availability is the key factor that governs C and 
N fluxes in soil (Lal, 2008; Zaehle, 2013). This suggest that N in CC soil and C in PL soil were 
the main limiting factors for the microbial communities in these high-fertility soils. Furthermore, 
high-fertility CC and PL soils had low C-CO2 production when provided with both C and N 
compared to N alone (Table 5.2), implying higher C use efficiency in high-fertility soils with 
adequate C and N availability for microbial assimilation. Increased C released as CO2 results in 
less C converted into microbial biomass and low stabilization of OM inputs in soil stable C pool 
(Manzoni et al., 2012). Based on 2012 field microbial analysis (Chapter 3), high-fertility CC and 
PL and RM soils contained a greater microbial biomass than DTF. Carbon use efficiency is 
greater when the microbial growth is limited with C availability (Sinsabaugh et al., 2013). 
Therefore, the addition of 13C cellulose to the high-fertility soil (CC and PL) with N fertilization 
application may have incorporated most of the C into the microbial biomass.  
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In DTF and RM soils, the microbial communities were most limited by C availability as N 
fertilized soils always had higher CO2 flux following cellulose addition, apparently due to 
scavenging of the stable OM pool to fulfill their C requirement (Figs. 5.4C and 5.4D). 
Availability of both N and C increased CO2 emissions in DTF (low fertility) and RM soils. Low-
fertility DTF soil OC, TC and TN contents were greater than in the original soils after >21 yr 
(Chapter 3). Among the studied soils, DTF contained the lowest microbial biomass. Therefore, 
the addition of 13C cellulose to N fertilized soil may have contributed more C than the microbial 
energy requirement. As a result, greater CO2 released might have occurred in cellulose and N 
added soils than the unfertilized soil to reach to native state (condition before cellulose addition) 
by neutralizing the effect of remaining C from cellulose. Also, ample amounts of C and N may 
have facilitated the microbial biomass, resulting in a greater respiration than in control soils (0 N 
kg ha-1 and 0 g 13C kg -1 soil). Once the C availability increased to a particular level, excess is 
emitted as CO2 (Liang et al., 2015). 
The current study identified the long-term influence of soil origin and land use legacy on C 
dynamics of soil relocate from diverse land use systems and managed under common conditions 
for 23 yr. A study conducted in High field site at Rothamsted research station, UK found that 
even after 50 yr of no input (i.e., tilled bare fallow) the microbial diversity was similar to that of 
the original grassland soil (Hirsch et al., 2009). Differences in active decomposer community 
composition and fertility levels between transplanted soils resulted in variable decomposition 
dynamics. Therefore, soil origin and land use history are important drivers of soil nutrient 
cycling and functioning and needed to be taken into account in future management decisions 
regarding agricultural lands. 
5.7. CONCLUSIONS 
This study showed that the microbial cellulose decomposer community structure, diversity 
and function are strongly linked to soil origin and land use legacy, even after more than two 
decades of common management, climatic and topographic conditions. There were influences 
from the current land management (continuous wheat mono-cropping, limited C input and N 
fertilizer application) as well as environmental conditions on soil OM mineralization and 
decomposer community dynamics. 
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Variable mineralization patterns among the transplanted soils confirmed that different 
decomposer communities processed the cellulose in functionally different ways. As a result, 
metabolic capabilities between soils may have altered the decomposition products of the 
common C input (cellulose). Further, microbial necromass is a significant component in soil 
stable C pool which can likewise be altered through changes in decomposer community structure 
and activity. For example, decomposer cell constituents built through anabolic activities affect 
the composition of necromass. Together these changes in the microbial community may lead to 
lasting differences in soil OM composition. 
Despite 23 yr of common climatic and management conditions, decomposition of fresh and 
native soil OM did not appear to converge in the transplanted soils. This showed the critical role 
of the decomposer community, which together with the inherent properties of the soil matrix, had 
a stronger influence on C and N turnover than intermediate term agricultural management and 
environmental conditions. These results enhanced our understanding of the key role of soil 
microbial decomposers in terrestrial C dynamics by decoupling the effects of management, 
climate and topography from the dynamics of microbial C turnover in different soils. Sustainable 
soil management strategies need to include a comprehensive view of soil fertility that considers 
the role of land use legacy in shaping biological C and nutrient turnover. 
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6.0. SYNTHESIS AND CONCLUSIONS 
Land use changes have large impacts on microbial communities and can alter ecosystem 
processes and functions (Lauber et al., 2013; Rampelotto et al., 2013; Paula et al., 2014; Zhang et 
al., 2016). Links between soil microbial communities and ecosystem processes are mainly 
governed by ecosystem characteristics (Van Der Heijden et al., 2008; Graham et al., 2016). 
Agriculture lands are considered dynamic ecosystems where diverse management practices can 
cause significant changes in the soil ecosystem. Agricultural management practices are 
responsible for shifts in microbial communities (Ye et al., 2009; Lauber et al., 2013; Carbonetto 
et al., 2014; Lammel et al., 2015; Ma et al., 2015). Microorganisms are the key regulators of 
ecosystem services. Therefore, understanding the fundamentals of microbial communities is 
important for a sustainable ecosystem management. 
There are several studies, representing diverse climates that have investigated microbial 
community responses to agricultural land use; however, these findings were carried out for a 
particular soil environment (Fierer and Jackson, 2006). Heterogeneity in soil physical and 
chemical properties makes soil one of the most complicated environments to explore (Delmont et 
al., 2011). Further, land topography and hydrology are two main environmental variables that 
can change abruptly and influence several ecosystem components. A metadata analysis 
conducted in natural ecosystems confirmed that climate change is capable of affecting living 
systems (Parmesan et al., 2003). The effect of confounding factors (climate, topography, and 
hydrology) can influence research observations and hinder our ability to elucidate determinants 
on particular variables on microbial communities. A study conducted in forest ecosystems found 
nearly 17% of the variability in bacterial community structure was due to temporal variability 
(Freedman and Zak, 2015); whereas Hanson et al. (2012) described 26.9% of microbial 
composition difference to be accounted for by environmental variables. Therefore, the 
applicability of microbial community findings from one place to another can be complicated. 
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Environmental variability and other confounding factors may interfere with major findings 
which cause misinterpretation of the real story. 
The long-term transplanted field experiment at AAFC, Lethbridge provided a unique 
opportunity for ecological research to be conducted by uncoupling the confound effects of 
climate, topography, and hydrology from soil microbial communities and functions. In 
establishing the experiment, top soils from diverse donor sites were relocated onto a flat area 
after removing surface soils. These transplanted Chernozemic soils from different locations had 
diverse physical, chemical and biological properties at the time of relocation (Olson et al., 1996; 
Zvomuya et al., 2008; Janzen et al., 2012). For > 21 yr, the soils were maintained under common 
climatic, topographic and management conditions. Based on the initial characteristics, 10 
different soils with diverse properties were selected for investigation. Total microbial community 
abundance and N-cycling gene composition were analyzed in 2012 to identify the current status 
of the microbial communities. Further, archived soils from 1990 (original) and 2011 were used to 
understand the microbial community composition changes that occurred after transplantation. 
Finally, microbial functional attributes were assessed by conducting a SIP study using 13C 
cellulose. 
Soil microbial communities were assessed to compare microbial communities of different 
transplanted soils after 21 yr of identical conditions (Chapter 3). PLFA, qPCR, and DGGE 
techniques were used to characterize the microbial communities. The comparison of microbial 
communities between the original (1990) and 21 yr post-transplantation soils was conducted 
using archived soils to better understand the shifts in microbial communities with current land 
use practices (Chapter 4). DNA was extracted using a method modified by Clark and Hirsch 
(2008) and 16S rRNA genes target was sequenced using the Miseq Illumina platform. Based on 
the microbial surveys conducted in Chapters 3 & 4, four soils (CC, PL, DTF, RM) were selected 
for a SIP study using 13C cellulose as the carrier molecule (Chapter 5). The objective of this 
study was to establish a link between microbial community compositions and C-cycling in 
transplanted soils to determine whether the broadly different total communities contained a 
subset which functioned similarly under the identical conditions following transplantation.  
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6.1. SUMMARY OF FINDINGS 
Soil fertility legacy caused by soil origin, management and land use history prompted diverse 
microbial communities, N-cycling and C-cycling in transplanted soils after >21 yr of 
environmental and land use management shifts. Soil fertility legacy effect dominated the effect 
of environmental and land use shifts on microbial communities, OM decomposition and N 
cycling functions. More than two decades of identical climatic, topographic and management 
conditions were not strong enough to negate the land use legacy effects on microbial 
communities and soil fertility. The land use legacy effect on microbial communities was revealed 
through distinct community compositions related to each transplanted soil (Chapters 3, 4 and 5). 
Soil fertility differences were speculated as the major reason for different microbial profiles 
among transplanted soils. Although soil fertility (TC, TN, and OC) shifted with the post-
transplant land use practices and envvironmental changes, fertility differences between 
transplanted soils remained distinct among the different soils. Diverse fertility even >21 yr after 
environmental and land use shifts suggests stronger influence of soil fertility legacy on microbial 
communities of transplanted soils. For example, total microbial biomass (P<0.0002) as well as, 
bacterial (P<0.0001) and fungal (P<0.049) abundances were significantly varied between 
transplanted soils (Chapter 3). Microbial community composition and microbial diversity 
changes related to the land use history have been reported previously (Jangid et al., 2011; 
Kallenbach and Grandy, 2015; Tardy et al., 2015).  
The transplanted soil microbial composition shifted in response to environmental and land 
use changes after relocation; however, each soil had a unique microbial community depending 
on the soil origin and land use history. Diverse microbial communities after >21 yr of identical 
conditions may an indication of soil origin and land use legacy effect on microbial resilience. 
The effect of disturbances cause through continuous wheat monocropping, limited crop residue 
retention, long-term N fertilization and climatic shift were notable in both soil fertility and total 
microbial and active decomposer profiles (Chapter 3, 4 and 5). For example, microbial profiling 
using archived soils (1990 and 2011) revealed different communities between the original (1990) 
and soils sampled 21 yr (2011) after transplantation (Chapter 4). The disturbance caused by 
current environmental and land use conditions continuously occurred after transplantation. 
163 
 
However, diverse total and active decomposer communities emphasized a long-term effect of 
soil origin and land use legacy on resilience of microbial community that was greater than 
current environmental and management conditions.  
Soils transplanted from native or uncultivated ecosystems (NG and PL) as well as sub-
surface soils (BH and CH) had major shifts in microbial communities due to post transplant 
changes. This indicated prominent effects of current land use with the conversion from a natural 
ecosystem and uncultivated into the annually cropped agricultural land. In NG and PL soils, both 
soil diversity and evenness increased after transplantation. Among soils transplanted from 
uncultivated ecosystems, PL soil communities shifted but remained separated from other 
communities. It has been reported that the higher the diversity, the faster the ecosystem can to 
return to its original state (van Bruggen, 2000). The NG and PL soils microbial communities 
were dominated by a few species at the origin of the transplant experiment and lesser stability to 
current land use changes. However, these differences were observed through analyses of 
archived soils and can be related, in part, to prolonged storage. Further, analysis of active 
decomposer community indicated PL soil that did not receive N fertilizer had the highest 
microbial diversity compared to both N levels of CC, DTF, and RM soils. This also emphasized 
higher C functional diversity in PL soil. Exposure of sub-surface (BH and CH) soils to 
agricultural practices resulted in microbial community structures that were more similar to the 
surface agriculture soils. It was apparent that microbial community legacy influenced shifts in 
composition resulting from current land use and microbial community resilience to changing 
conditions. These findings showed the importance of soil microbial species richness and 
evenness on soil ecosystem stability. 
Similar to microbial communities, soil fertility also shifted with land use and environmental 
changes. However, soil origin and land use history created long-term persistent effects on soil 
fertility from current environmental and management changes. Substantial reductions in nutrients 
and shifts in litter inputs after transplanting altered soil fertility and nutrient dynamics. Limited 
residue incorporation and continuous cultivation had negative effects on soil TC, TN, and OC of 
most transplanted soils except for the low fertility DTF and subsurface (BH and CH) soils. These 
fertility variations corresponded to land use legacy and current land use practices. For example, 
DTF soil originated from a pathway to an experimental field and had low levels of C inputs, 
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while subsurface soils (BH and CH) originated from an eroded land and contained relatively low 
levels of soil C. Increases in TC, TN, and OC in DTF soil and sub-surface soils were highest in 
N fertilized soils (Chapter 3). Increased soil fertility may be the reason for shifts in the microbial 
community of sub-surface soils towards those communities more typical of top soil. Fertility 
changes in TC, TN and OC were minimal in N fertilized soils than soils that did not receive N, 
suggesting that long-term N fertilizer application buffered the TC, TN and OC change with land 
use conversions. This suggested that N fertilizer application was able to reduce the soil fertility 
changes against agriculture exploitation. In agreement with the current study, Raun et al. (1998) 
reported increased TC and TN in long-term N fertilizer (>23 yr) treated soils. In response to N 
fertilization, wheat yield was increased in transplanted soils (Zvomuya et al., 2008), thus high 
amounts of C inputs returned to the soils diminished soil OM changes over time (Yanni et al., 
2016). There is a strong link between soil fertility and microbial compositions. Soil 
microorganisms are the living component in soil OM and they regulate available nutrients in soil 
ecosystems, but they are often C and N limited (Griffiths et al., 2012). 
A legacy of soil fertility regulated the N cycling functional gene responses for current land 
use including long-term N fertilizer application. Functional abundance and functional diversity 
are strong predictors of the direction of a change in an ecosystem process (Graham et al., 2016). 
Unlike soil fertility, whole microbial communities did not change with N fertilizer application 
(Chapter 3). Lack of microbial community response to N fertilizer application implied that soil N 
availability was not the most limiting factor for transplanted soil microbial communities. 
However, community structures of N-cycling genes shifted with N fertilizer application. Lack of 
N cycling gene abundance changes with N fertilizer application emphasize than gene abundance, 
N cycling gene structure is sensitive to long-term N fertilizer application. The phylogenetic 
difference of specific N-cycling genes observed through DGGE analysis can be related to N 
functional differences between transplanted soils. Between soils, bacteria amoA, nirK and nirS 
community structures of the high fertility soils shifted in response to the long-term N fertilizer 
application. Convergence in N fertilized high fertility (CC and PL) soil AOB communities 
suggested that soil fertility and long-term N fertilizer application were leading drivers of AOB 
community composition under similar agricultural management conditions. 
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Decomposition of fresh C inputs followed diverse mineralization patterns unique to each soil 
which were created by distinct active decomposer communities associated with trnsplanted soils. 
Under resource limited conditions, application of 13C cellulose at a rate of 0.2 g C kg-1 soil 
shifted total microbial community structure indicating microbial responses to C amendments 
(Chapter 5). Although, long-term N fertilizer application alone did not significantly affect the 
total microbial community composition (Chapters 3 and 4), cellulose application to a soil with a 
history of N fertilizer application altered the total community structure (Chapter 5). Different 
active decomposer communities suggested that cellulose application stimulated a subset of 
microorganisms from the total community; however, greater differences between, rather than 
within transplanted soils showed that soil fertility legacy had a more dominant influence on 
decomposer community structure and their functions than current conditions. 
Distinct decomposer community structures associated with each soil gave rise to variable soil 
mineralization patterns. Different mineralization pathways also emphasized that even after two 
decades of common conditions, transplanted soils followed different decomposition patterns 
when assimilating the cellulose. Negative priming at early decomposition indicated preferential 
substrate utilization by soil microorganisms (cellulose over wheat residue) (Qiao et al., 2016). 
Availability of cellulose prevented microbial dependency on stable soil OM suggesting a key 
role of fresh OM quality on soil C dynamics. Soil N and C were the most important nutrient and 
energy sources for soil microbes. Carbon use efficiency increased when C and N were added to a 
high fertility soil with high microbial biomass. A greater proportion of cellulose C incorporated 
into microbial biomass may end up in the stable OM pool upon microbial cell lysis. However, C 
composition of the necromass may vary with decomposer community structure and their 
metabolic capabilities did determine by the fertility legacy in transplanted soils. These results 
confirmed that soil origin and land use history have long-term persistent influence soil N and C 
dynamics and decomposer community structure of transplanted soils through fertility legacy.  
Soil origin and land use legacy affect terrestrial ecosystem processes by influencing the 
impact of current land use practices. Soil microbial community composition, their C and N 
functions and fertility dynamics were significantly controlled by the soil origin land use history 
even two decades after environmental and management changes. Current land use responses 
were significantly modified by soil origin and land use legacy which had long-term persistent 
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influences on soil fertility and microbial composition. When interpreting responses to 
agricultural management practices soil history is an important factor as it interfluences the 
response to current land use practices. The development of effective soil fertility management 
strategies can be enhanced by considering the history of land use in agricultural systems.   
6.2. FUTURE RESEARCH 
This research enhances the fundamental understanding of microbial communities and soil 
fertility dynamics in agricultural soils by uncoupling the confounding effects of climate, 
topography, and hydrology. Future investigations of microbial metabolic pathways associated 
with C-cycling in transplanted soils will provide further insights that can build on the current 
findings. For this, an incubation study using a SIP technique can be conducted using 13C labelled 
wheat residues. During the incubation, analysis of the decomposer community and 13C labelled 
molecules present in soil OM at different sampling points will explain the relationship between 
microbial community structure and decomposition pathways determined through 13C OM 
composition. Assessing N-cycling functional dynamics using 15N labelled N sources and tracking 
15N within microbial communities and OM components will be beneficial to understand the 
fundamentals. Since the AOB community structure in the high fertility soils had interesting 
convergence with long-term N fertilizer applications, it may be beneficial to conduct an 
incubation study by amending NH4+ and NO3- sources and measuring the nitrification potential 
in transplanted soils. This would link the AOB and AOA community structures with soil 
nitrification process.  
Soil organism responses to nutrient limitations can be captured through extracellular 
enzymatic activities because enzyme composition varies with microbial nutrient requirements 
(Schimel and Schaeffer, 2012; Allison, 2012). Determination of activities of β-glucosidase, N-
acetyl glucosaminidase and phosphatase will give an idea about the factors influencing the 
availability of C, N, and P in transplanted soils.  
Starting from establishment soil sampling was done in the transplanted field soils and stored 
at the dried condition for future use. Soil air drying can preserve microbial DNA for future use 
(Clark and Hirsch, 2008). Further, mapping of community changes chronologically using 
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archived soils will aid in exposing the microbial community successions relevant to land use 
changes. Understanding sequential changes in microbial communities with agriculture land use 
will allow better predictions in the future directions. 
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APPENDIX A MICROBIAL COMMUNITY ANALYSIS AFTER 21 YEARS RELATED METHODS AND 
DATA  
A.1. DETAIL DESCRIPTION OF QPCR METHODS 
Abundance of 16S rRNA gene was quantified using the EUB 338 and EUB 518 primers. 
Each reaction (25 µL) contained 10 µL of Platinum SYBR Green qPCR Supermix (Life 
Technologies, Burlington, ON), 0.5 µL of each primer (10 µM) (Sigma Aldrich, Oakville, 
Ontario, Canada), 0.62 µL of 10 mg µL-1 diluted bovine serum albumin (BSA) (Life 
Technologies), 0.40 µL of ROX dye (10 fold dilution in Rnase free water), 6.8 µL of H2O and 2 
µL of 0.1 ng µL-1 template (due to inhibitors, 10 ng µL-1 DNA concentrations were diluted 100 
fold). Conditions were 95°C for 5 min followed by 40 cycles of 95°C for 1 min, 53°C for 30 sec, 
72°C for 1 min, 80°C 1 min (data collection) and 1 cycle 95°C for 15sec, 60°C for 1 min, 
ramping at 0.3°C per min (data collection) to 95°C for 15 sec. Annealing temperature duration 
was modified based on the preliminary analysis.  
Quantification of bacterial amoA gene copy number was performed using the amoA1F and 
amoA2R primers. Each reaction (25 µL) contained 12.50 µL of Platinum SYBR Green qPCR 
Supermix (Life Technologies, Burlington, ON), 1.50 µL of each primer (10 µM) (Sigma Aldrich, 
Oakville, Ontario, Canada), 0.78 µL of 10 mg µL-1 diluted bovine serum albumin (BSA) (Life 
Technologies), 0.50 µL of ROX dye (10 fold dilution in Rnase free water), 4 µL of H2O and 4 
µL of 0.1 ng µL-1 template (due to inhibitors 10 ng µL-1 DNA concentrations were diluted 100 
fold). PCR thermo cycling conditions from  were modified according to the preliminary analysis 
(annealing temperature and number of thermos cycling number). Conditions were 95°C for 5 
min followed by 46 cycles of 95°C for 45 sec, 55°C for 45 sec, 72°C for 45 sec, 80°C 1 min 
(data collection) and 1 cycle 95°C for 15sec, 60°C for 30 sec, ramping at 0.3°C per min (data 
collection) to 95°C for 15 sec. 
Archaeal amoA gene copy number was quantified by using a modified method of Tourna et 
al., 2008. Each reaction (20 µL) contained 10 µL of Platinum SYBR Green qPCR Supermix 
(Life Technologies, Burlington, ON), 0.25 µL of each primer (10 µM) (Sigma Aldrich, Oakville, 
Ontario, Canada), 0.625 µL of 10 mg µL-1 diluted bovine serum albumin (BSA) (Life 
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Technologies), 0.40 µL of ROX dye (10 fold dilution in Rnase free water), 4 µL of H2O, 0.4 µL 
MgCl2 (50 mM) and 4 µL of template (10 ng µL-1). Conditions were 95°C for 5 min followed by 
45 cycles of 95°C for 1 min, 55°C for 1 min, 72°C for 1 min, 80°C 1 min (fluorescent data 
collection) and 1 cycle of 95°C for 15sec, 60°C for 1 min, ramping at 0.5°C per min (fluorescent 
data collection), to 95°C for 15 sec.  
Abundance of the nirS gene was quantified by using Cd3aF and R3cdR as the primer pair. 
Each reaction (25 µL) contained 12.50 µL of Platinum SYBR Green qPCR Supermix (Life 
Technologies, Burlington, ON), 2.50 µL of each primer (10 µM) (Sigma Aldrich, Oakville, 
Ontario, Canada), 0.78 µL of 10 mg µL-1 diluted bovine serum albumin (BSA) (Life 
Technologies), 0.50 µL of ROX dye (10 fold dilution in Rnase free water), 4.22 µL of H2O and 2 
µL of template (10 ng µL-1). Conditions were 95°C for 5 min followed by 6 cycles of 95°C for 
15 sec, 65°C for 30 sec (-1°C per cycle), 72°C for 30 sec, and 85°C for 15 sec (data collection), 
followed by 40 cycles of 95°C for 15 sec, 60°C for 30 sec, 72°C for 30 sec, and 85°C for 15 sec 
(data collection) and 1 cycle of 95°C for 15sec, 60°C for 1 min, ramping at 0.5°C per min 
(fluorescent data collection), to 95°C for 15 sec. 
Abundance of nirK gene was quantified by using F1aCu and R3Cu as the primer pair. Each 
reaction (25 µL) contained 12.50 µL of Platinum SYBR Green qPCR Supermix (Life 
Technologies, Burlington, ON), 1.25 µL of each primer (10 µM) (Sigma Aldrich, Oakville, 
Ontario, Canada), 0.78 µL of 10 mg µL-1 diluted bovine serum albumin (BSA) (Life 
Technologies), 0.50 µl of ROX dye (10 fold dilution in Rnase free water), 7.50 µL of H2O and 
1.25 µL of template (10 ng µL-1). Conditions were 95°C for 5 min followed by 6 cycles of 95°C 
for 15 sec, 63°C for 30 sec (-1°C per cycle), 72°C for 30 sec, and 80°C for 30 sec (data 
collection), followed by 40 cycles of 95°C for 15 sec, 58°C for 30 sec, 72°C for 30 sec, and 80°C 
for 15 sec (data collection) and 1 cycle of 95°C for 15sec, 60°C for 1 min, ramping at 0.3°C per 
min (fluorescent data collection), to 95°C for 15 sec. 
Abundance of nosZ gene was assessed using nosZ2F and nosZ2R as the primer pair. Each 
reaction (25 µl) contained 12.5 µL of Platinum SYBR Green qPCR Supermix (Life 
Technologies, Burlington, ON), 2.5 µL of each primer (10 µM) (Sigma Aldrich, Oakville, 
Ontario, Canada), 0.78 µL of 10 mg µL-1 diluted bovine serum albumin (BSA) (Life 
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Technologies), 0.50 µL of ROX dye (10 fold dilution in Rnase free water), 4.72 µL of H2O and 
1.5 µL of template (10 ng µL-1). Conditions were 95°C for 5 min followed by 6 cycles of 95°C 
for 15 sec, 65°C for 30 sec (-1°C per cycle), 72°C for 30 sec, and 80°C for 15 sec (data 
collection), followed by 40 cycles of 95°C for 15 sec, 60°C for 30 sec, 72°C for 30 sec, and 80°C 
for 15 sec (data collection) and 1 cycle of 95°C for 15 sec, 60°C for 1 min, ramping at 1 °C per 
min (fluorescent data collection), to 95°C for 15 sec. 
 
Table A.1. Ammonia oxidizers (AOB, AOA), nirS, nirK and nosZ gene abundance 
analysis for individual soils 
Soil origin
† P value 
  AOB AOA nirS nirK nosZ 
NG 0.04 0.35 0.11 0.32 0.04* 
DW 0.52 0.40 0.55 0.59 0.59 
CC 0.16 0.90 0.19 0.09 0.30 
PL 1.00 0.50 0.04* 0.05 0.02* 
DTF 0.001** 0.0001*** 0.55 0.05 0.34 
ITF 0.03* 0.93 0.43 0.21 0.42 
RM 0.01* 0.73 0.49 0.62 0.28 
HM 0.18 0.99 0.59 0.73 0.42 
BH 0.07 0.17 0.0001*** 0.03* 0.06 
CH 0.02* 0.78 0.29 0.11 0.40 
†NG- native grassland, DW- dryland wheat, CC-cereal, DTF- dryland tilled fallowed, RM- 
manured 30 t h-1, HM- manured 90 t ha-1, ITF- irrigated tilled fallow, PL- pastureland, BH- B 
horizon, CH-C horizon) 
Significant values represent P-value *, P<0.05; **, P< 0.001; ***, P<0.0001 
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Fig. A.1. Dendrogram analysis using Pearson’s correlation coefficient analysis for DGGE banding patterns of A) bacterial amoA, B) 
archaeal amoA, C) nirK and D) nirS gene containing microbial communities. 
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Fig. A.2. NosZ community profile measured through DGGE 
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Fig. B.1. Rarefaction curves for 16S rRNA gene Illumina Sequencing data of 1990 and 2011 archived soil. 
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Fig. B.2. Phylogenetic comparison of phylum Proteobacteria at class (A) and order (B) levels for archived native grassland (NG) 
soils. N- and N+ are unfertilized and N fertilized (0 and 60 kg N ha-1) for 2011 soils, respectively.
b 
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    APPENDIX C SOIL ORIGIN REGULATES THE DECOMPOSITION DYNAMICS OF TRANSPLANTED 
CHERNOZEMS 
 
 
Fig. C.1. 16S rRNA gene DGGE banding profiles for heavy and light DNA fractions of 13C 
cellulose labelled CC (cereal cultivated) and DTF (dryland tilled fallowed) soils. 
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Table C.1. ANOVA for daily C-CO2 emission. 
Sampling 
day 
Soil N level Soil *N C 
P values 
Soil*C 
  
N*C Soil*N*C 
1 0.0002 0.0033 0.82 0.70 0.63 0.24 0.58 
3 0.0013 0.001 0.79 0.65 0.21 0.26 0.83 
6 0.0001 0.0007 0.26 0.04 0.06 0.25 0.67 
9 0.0001 0.0002 0.22 0.01 0.05 0.37 0.65 
16 0.0003 0.0002 0.33 0.00 0.18 0.55 0.59 
23 0.0016 0.0003 0.36 0.00 0.28 0.63 0.68 
30 0.0033 0.0007 0.36 0.00 0.40 0.67 0.84 
37 0.0041 0.0008 0.40 0.01 0.45 0.79 0.90 
47 0.004 0.0005 0.43 0.01 0.49 0.88 0.91 
61 0.0024 0.0002 0.43 0.02 0.56 0.97 0.88 
78 0.0009 0.0001 0.51 0.03 0.50 0.93 0.88 
 
 
 
Fig. C.2. Daily 13C cellulose mineralization. CC-cereal cultivated, PL- pastureland soil, DTF- 
dryland tilled fallow and RM- manured 30 t ha-1 soils. 
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Fig. C.3. Physiological biomarker stress 1 and stress 2 for the total community. CC-cereal 
cultivated, PL- pastureland soil, DTF- dryland tilled fallow and RM- manured 30 t ha-1 soils. 
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Fig. C.4. Relative abundance of different microbial groups (bacteria, G+, G-, Actinobacteria 
and fungi) during 30 and 78 d. CC-cereal cultivated, PL- pastureland soil, DTF- dryland tilled 
fallow and RM- manured 30 t ha-1 soils. 
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Fig. C.5. Relative abundance of active decomposer microbial groups (bacteria, G+, G-
Actinobacteria and fungi) during 30 and 78 d. CC-cereal cultivated, PL- pastureland soil, DTF- 
dryland tilled fallow and RM- manured 30 t ha-1 soils. 
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Table C.2. Individual ANOVA for Total biomass, bacteria and fungal 
abundance measured through PLFA (nmol g-1 soil) 
            Total PLFA (P value)   
Effect CC PL DTF RM 
N 0.56 0.26 0.21 0.77 
C 0.12     0.01** 0.74 0.60 
N*C 0.05 0.65 0.24 0.12 
Day 0.99 0.76 0.44 0.80 
N*Day 0.48 0.80 0.26 0.37 
C*Day   0.04* 0.91 0.36 0.93 
N*C*Day 0.32 0.39 0.65 0.23 
              Bacteria (P value)   
  CC PL DTF RM 
N 0.38 0.47 0.24 0.65 
C 0.15     0.01** 0.78 0.46 
N*C 0.11 0.78 0.38 0.51 
Day 0.83 0.50 0.25 0.50 
N*Day 0.57 0.52 0.35 0.11 
C*Day 0.11 0.94 0.84 0.76 
N*C*Day 0.33 0.46 0.17 0.44 
    Fungi (P value) 
  CC PL DTF RM 
N 0.09 0.34 0.17 0.42 
C 0.32 0.47 0.22 0.36 
N*C 0.07 0.35 0.38 0.31 
Day   0.01* 0.20 0.05 0.51 
N*Day 0.43 0.45 0.48 0.33 
C*Day 0.65 0.41 0.37 0.36 
N*C*Day 0.12 0.34 0.46 0.37 
Significant values represent P-value *, P<0.05; **, P< 0.001; ***, P<0.0001 
N- N fertilizer rate, C- cellulose application rate, CC (cereal cultivated) PL (pastureland), 
DTF (dryland tilled fallowed) and RM (30 t ha-1 manured) 
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Table C.3. Individual ANOVA for bacteria and fungal abundance measured 
through PLFA (mol%) 
                       Bacteria (P value)   
 Effect CC PL DTF RM 
N 0.72 0.65 0.13 0.90 
C 0.96 0.68 1.00 0.96 
N*C 0.31 0.39 0.66   0.01* 
Day 0.22 0.16 0.27 0.23 
N*Day 0.78 0.85 0.59 0.41 
C*Day 0.95 0.19 0.38 0.49 
N*C*Day 0.27 0.28 0.56 0.12 
    Fungi (P value)     
  CC PL DTF RM 
N 0.36 0.56 0.53 0.56 
C 0.09 0.37 0.28 0.37 
N*C 0.15 0.40 0.56 0.40 
Day  0.04* 0.73   0.04* 0.73 
N*Day 0.98 0.43 0.52 0.43 
C*Day 0.68 0.33 0.34 0.33 
N*C*Day 0.16 0.51 0.62 0.51 
Significant values represent P-value *, P<0.05; **, P< 0.001; ***, P<0.0001 
N- N fertilizer rate, C- cellulose application rate, CC (cereal cultivated) PL (pastureland), 
DTF (dryland tilled fallowed) and RM (30 t ha-1 manured) 
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Fig. C.6. Rarefaction curves for total community of 16S rRNA gene Illumina sequencing data  
 
Fig. C.7. Rarefaction curves for decomposer community of 16S rRNA gene Illumina 
sequencing data.
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APPENDIX D PERMISSION TO REPRODUCE 
 
 
The photo illustrated in Figures 3.1 and 4.1as well as the data presented in Figures 3.2 and 3.3 
and Tables 3.10 and 3.11 which was reproduced from the 1999 Alberta Agricultural Research 
Institute Final Technical Report “the resilience of soil quality under wheat production” Project 
No 970801 by Janzen and Ellert, were used with the permission of Dr. H.H. Janzen. 
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